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Introduction 


by 


- 


B. Thomas Johnson 


U.S. Fish and Wildlife Service 
Columbia National Fisheries Research Laboratory 
Columbia, Missouri 65201 


A review of environmental monitoring reports! from the duction of synthetic organic chemicals in the United States 
last decade reveals that numerous synthetic organic chemi- was 6.7 x 10° kg; by 1978 it had increased by more than 
cals — xenobiotics — in trace amounts (i.e., ug/L concentra- an order of magnitude to 8.5 x 10'° kg (International 
tions) have been detected in air, water, soil, and biota Trade Commission 1978). 

(Stickel 1968; Schafer et al. 1969; U.S. Environmental Pro- In the 1979 edition of the “Registry of Toxic Effects of 
tection Agency 1970; Kleopfer and Fairless 1972; Shackel- Chemical Substances,” prepared annually by the National 
ford and Keith 1976; Waggott and Wheatland 1977; Institute for Occupational Safety and Health, the estimated 
Council on Environmental Quality 1979). It has been said, number of unique toxic substances for which toxic effect 
and perhaps with some validity, that man’s concern for his information could be available was placed at about 
environment is directly related to the ability of the analyt- 100,000: if synonym compounds are included, the number 
ical chemist to detect and quantify low concentrations of of chemical substances will probably soon exceed 500,000 
chemical contaminants (Higgins and Burns 1975). None- (National Institute for Occupational Safety and Health 
theless, an increasing amount of literature indicates that 1980). L ee (1964) estimated that some 500 new xenobiotics 
many of these trace xenobiotics — meaning literally “foreign may reach the environment in trace amounts each year. 
to life” — are biotoxic (Lee 1964; Pimental 1971; Johnson If one accepts the seemingly inescapable premise that the 
1974; Hutzinger et al. 1977) and environmentally persistent environment —the air, water, soil, and sediment — is the 
(Alexander 1965; National Academy of Sciences 1972; ultimate repository for at least trace amounts of these 
Council on Environmental Quality 1979), and are readily xenobiotics, the environmental microbiologist is challenged 
bioaccumulative and frequently move through food webs _ with several fundamental questions: Do these chemical con- 
(Woodwell 1967; Stickel 1968; Metcalf et al. 1971; John-  taminants affect vital microbial activities in ecosystem-per- 
son 1974; Hamelink 1977; Hutzinger et al. 1977). turbing functions that may impair important nutrient cycles 

The estimated 70,000 chemical compounds synthesized _ necessary for high agricultural and aquatic productivity? 
annually in the United States (National Institute for Occu- Or, do we have an etiology (trace amounts of xenobiotic 
pational Safety and Health 1980; Council on Environmen- 
tal Quality 1979) include such diverse xenobiotics as cyclic 
intermediates, dyes, organic pigments, medicinal chemi- 
cals, flavor and perfume materials, plastic and resin ma- 
terials, rubber processing chemicals, elastomers, plasti- 180 
cizers, surface-active agents, and pesticides and related prod- 
ucts (International Trade Commission 1978). Since World 
War II, production in the chemical industry has been ex- 
ponential (Fig. 1), doubling about every 8 years and having 
an average annual increase of about 8% .? In 1945 the pro- 


PRODUCTION OF SYNTHETIC ORGANIC COMPOUNDS (USA) 








'Reports from the National Pesticide Monitoring Program are a 
good source of data on xenobiotic residues. The Program consists 
of a network of Federal agencies that monitor soil, water, air, 
and biota for chemical contaminants. Although the Program is 
directed primarily toward pesticides, other chemicals are fre- 
quently reported. 

*An audit of U.S. Tariff Commission reports for 1945-78 shows 
that in those 34 years, the year-to-year production of xenobiotic . 
chemicals decreased only five times: four times during the first 4@ 1945 «1950 461955 1960 1965 1970 1975 
decade following World War II, and in 1975, when the largest 

decline (15%) occurred, probably as an immediate economic _ Fig. 1. Production of synthetic organic compounds in the United 
effect of the 1974 oil embargo. States, 1945-78. 
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chemicals in the environment) in search of a disease — per- 
turbation of vital nutrient cycles (Tepper 1973)? Are en- 
vironmental microbiota, unlike many invertebrates and 
vertebrates, relatively “forgiving” to environmental concen- 
trations of xenobiotic chemicals and do these chemicals pose 
no serious hazard to microbial ecosystems? I think we all 
agree that there is a need to know — for the stakes are high. 

I sought participants from government, business, and 
academia that reflect various views of those oriented toward 
natural resources, regulation. and industry. The following 
questions were proposed as guidelines for our discussion: 
(1) Do vou believe that there is a threat from chemical con- 
tamination of microbial ecosystems? If so, how serious is 
the problem, and do you have examples to support this con- 
clusion? (2) How do you propose to detect and measure per- 
turbations of microbial ecosystems by chemical contami- 
nants? What specific testing should be performed? How 
much testing is necessary to determine the hazard to micro- 
organisms? and (3) How do you relate these findings to 
regulatory agencies, to resource managers, and to the “real” 
world? 
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Environmental Risk Assessment: The Potential 
Role of Microbial Effects Testing 


by 


John D. Walker 


Office of Pesticides and Toxic Substances 
U.S. Environmental Protection Agency 
401 M Street, SW 
Washington, D. C. 20460 


Abstract 


Environmental microbiology testing includes both the effect of microorganisms and microbial processes 
on chemical substances and the effect of chemical substances on microorganisms and microbial pro- 
cesses. This paper discusses the environmental relevance, types, and ecological significance of micro- 
bial effects testing that may be used in deveioping environmental risk assessments. 


The development of an environmental risk assessment 
may involve environmental microbiological tests to evaluate 
the susceptibility of chemicals to microbial degradation 
(biodegradation testing) and to determine the effects of 
chemicals on microorganisms and their related activities 
(microbial effects testing). Results from biodegradation 
testing may be integrated with other in‘ormation to predict 
a chemical’s environmental concentration (Stern 1980). A 
chemical’s predicted concentration in the environment may 
be compared with the chemical conceritration needed to 
cause an adverse environmental effect, and the results of 
this comparison may be used to prepare an environmental 
risk assessment. 

The chemical concentration necessary to cause ar adverse 
environmental effect may be estimated from any number 
of environmental tests. The type of test used to determine 
the effect is the one that may be used in the ris! assessment. 
If the effects data are obtained from an experiment con- 
ducted te measure the . bility of a chemical to inhibit the 
growth of aquatic bacteria, then the chemical’s predicted 
concentration for the aquatic environment may be used to 
assess the risk that bacterial growth would be adversely af- 
fected by that chemical in aquatic environments. The pur- 
pose of this paper is to discuss the environmental relevance 
and the types and ecological significance of microbial effects 
testing that may be used in developing assessments of en- 
vironmental risk. 


Environmental Relevance of 
Microbial Effects Testing 


Microbial effects ‘esting may provide a sensitive method 
for detecting potential environmental perturbations. For 
example, the potential for chemicals to adversely affect 
microbial activities in biological treatments may be de- 


tected. Traditional biodegradation tests such as biological 
oxygen demand, 0, consumption, and CO, evolution may 
be used as microbial effects tests if the intent is to measure 
the potential adverse effects of chemicals on substrate oxi- 
dation. Results from such tests may be related to the inhi- 
bition of a biological treatment system, if the predicted 
environmental concentration of the chemical in the treat- 
ment system has been estimated. 

The use of microbial effects tests might have alerted the 
Life Sciences Corporation, Hopewell, Virginia, to the 
problems that resulted from releasing what was probably 
Kepone into Hopewell’s biological treatment plant. The ef- 
fluents from the Corporation disabled Hopewell’s treatment 
plant because Kepone probably inhibited the indigenous 
sewage microorganisms (Sterrett and Boss 1977; Huggett 
and Bender 1980). As a result, Kepone-contaminated un- 
treated sewage was discharged into the James River; the 
sediments were contaminated with 100 to 10,000 yg/L of 
Kepone and the river was closed to fishing because the fish 
contained 100 to 20,000 wg/kg Kepone. 

Another example of an environmental perturbation that 
may be detected by using microbial effects testing is the 
inhibition of litter decomposition resulting from the decom- 
position of heavy metals discharged from smelters. Micro- 
bial effects tests for measuring decomposition of organic 
substances have provided sensitive and rapid methods for 
detecting the effects of smelter emissions on microbial pro- 
cesses in soils. Thes: microbial processes include CO, 
evolution (Ausmus et al. 1978), hydrolysis, and nitrifica- 
tion (Pancholy et al. 1974; Freedman and Hutchinson 
1980). 


Types of Microbial Effects Testing 


Numerous microbial effects tests have been described in 
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____Table 1. Some representative microbial effects tests. _ 
Sensitiv- Sim- 

Measurement Assay system Chemical tested __ ity (ppm) plicity Coste Reference 

Growth Increase in culture _— Atrazine 100 = Simple $1,000 Crappelli and Rossi (1979) 
Arthrobacter turbidity Pyrazone 100 
giacomelloi Methabenzothiazuron 100 

Product formation Formation of *CO, Benomyl 500 Complex $3,500 Domsch et al. (1973); 
CO, evolution from carbohydrates Anderson and Domsch 

(1976) 

Substrate oxidation ‘H, —-°H,O Mercury 1 Complex $1,000 Bradley et al. (1979) 
Hydrogen oxidation Cadmium 10 

Substrate reduction Formation of FeS Many (200) chemicals b Simple $1,000 Saleh et al. (1964) 


Sulfate reduction precipitate 
Substrate disappearance Removal of NO, = 
Nitrite removal 


Chlorate 
“Approximate cost in year or years indicated in the reverences. 
*Variable, 1-500 ppm. 


the literature. Examples of these tests that provide measure- 
ments of growth, product formation, and substrate oxida- 
tion, reduction, or disappearance are described in Table 1. 
The tests range from simple to complex. The costs often 
reflect the simplicity or complexity of the test. Many of the 
microbial effects tests described in the literature have been 
used to assay only a few chemicals (mostly metals and pesti- 
cides). Thus it is difficult to evaluate the sensitivity of the 
tests to a wide variety of chemicals. If the tests are used 
in the assessment of environmental risks, it might be use- 
ful to develop new assays or to modify previously developed 
assays that demonstrate a sensitivity to a wide range of 
chemicals. It might also be useful to demonstrate the scien- 
tific and legal defensibility of sensitive, cost-efficient micro- 
bial effects tests. Defensible tests may have to be validated 
in microcosms or in tield experiments. 


Ecologic.1 Significance of 
Microbial Effects Testing 


Defensible microbial effects tests should probably satisfy 
the criteria listed above and be ecologically significant; i.e. 
they should represent components of the ecosystem that, 
if adversely affected, might have a significant ecological 
impact. The biogeochemical system is a component of the 
ecosystem that may have a significant ecological impact, 
if adversely affected, because this system includes both the 
formation of organic substances from inorganic substances 
mobilized from the surrounding geochemical environment, 
and their degradation (Schindler et al. 1980). Such a bio- 
chemical perspective may be especially useful for evaluat- 
ing the effects of toxic substances in ecosystems, because 
it allows an examination of the ecosystems as an intact 
uictabolic network (Patten and Witkamp 1967). Many toxic 
substances introduced into the natural environment mimic 
the behavior of elements naturally along biogeochemical 


Relative- $3.000 Belser and Mays (1980) 


ly simple | 


pathways (Woodwell 1967; Loucks 1972; Van Hook et al. 
1977), or alter the rates of processes in ecosystems, thereby 
disrupting the subtle mechanisms of biogeochemical cycles 
(O'Neill et al. 1977). 

Microbial effects tests that measure important functions 
in the biogeochemical system may provide a method for 
detecting subtle disruptions of that system. Included here 
are tests that measure microbial transformation of elements 
such as carbon, nitrogen, and sulfur in the major biogeo- 
chemical cycles. Such microbial effects tests have been 
recommended by the U.S. Environmental Protection 
Agency (1979) and the Organization for Economic Coop- 
eration and Development (1979). The tests may provide 
sensitive, reproducible, cost-effective methods for detect- 
ing the effects of toxic substances on microorganisms and 
their activities. These tests and the systems that they may 
simulate also appear to represent a major component of the 
ecosystem that, if adversely affected, could have significant 
ecological consequences. 
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Pesticide Effects on Non-target Microorganisms in Agricultural Soils! 


by 


Richard Bartha 


Department of Biochemistry and Microbiology 
Rutgers University 
New Brunswick, New Jersey 08903 


Abstract 


The evaluation of pesticide effects on non-target soil microorganisms is becoming part of the pesti- 
cide licensing process of the Federal Government. The procedures are in a state of evolution. This discus- 
son supports the use of complete soil ecosystems in preference to pure cultures. Measurement of pesticide 
effects on various micrubial activities are preferable to measurement of effects on numbers, diversity, 
ot biomass. Test procedures recommended are based on the measurement of microbial activity, normal 
and 10-fold pesticide application rates, and laboratory incubation under simulated field conditions and 
for time periods that allow recovery or the attainment of a steady state. Broad-spectrum indices of 
microbial activity such as respiration, dehydrogenation, and adenosine triphosphate levels, along with 
geochemical cycling activities relevant to agricultural production, are listed and various approaches 
to their measurement are discussed. Any pesticide effects on non-target soil microorganisms should be 
evaluated in the context of prospective pesticide use. The participation of scientists is essenti.. in devising 
correct and environmentally relevant test protocols. Scientists must understand, however, that licensing 


decisions need to take in account socioeconomic realities, as well as scientific facts. 


In 1975, about 1,170 pesticidal compounds were 
registered for use in the United States and the total amount 
of these chemicals applied during the year reached 725,000 
metric tons (Goulden 1978). Most of these chemicals end 
up in agricultural soils, and raise concern about how they 
affect soil microorganisms and, ultimately, soil fertility. 
Licensing requirements of pesticides now include tests that 
should show that non-target soil microbiota and their 
activities are not unduly disrupted by the pesticide treat- 
ment (U.S. Environmental Protection Agency [EPA] 1975). 
Although this testing requirement appears to be here to stay, 
test procedures are in a state of evolution. Theoretical, 
methodological, and economic considerations participate 
in shaping these test approaches. Obviously, all three con- 
siderations are important; however, here I wish to concen- 
trate on the theoretical aspects of testing. Scientific agree- 
ment needs to be reached on what we should test, why we 
should test it, and by what methodology. before standard 
and ~ it is to be hoped — cost-effective test protocols can be 
devised. All test approaches are not equal, and I intend to 
argue strenuously in favor of those that I consider direct, 
scientifically correct, and of the highest practical relevance. 

Occasionally a soil microorganism may be the intended 


'Paper of the Journal Series, New Jersey Agricultural Experiment 
Station, Cook College, Rutgers University. The paper was pre- 
pared under project 01200 of the New Jersey Agricultural Experi- 
ment Station and was supported by a grant from American 
Cyanamid and funds from the Hatch Act. 


target of a pesticide application. Besides soil-borne fungal 
plant pathogens, such targets mo, be overly efficient 
nitrifiers that must be inhibited to reduce loss of fertilizer 
and consequent groundwater contamination (Huber et al. 
1977). More often, however, non-target soil microorganisms 
become unintended victims of herbicides, insecticides, or 
fungicides. Other non-target microorganisms able to use 
pesticides as substrates may become the beneficiaries of 
pesticide treatment. The purpose of the cartoon (Fig. 1) 
is to stress the point that in soil these different types of 
organisms occur, together with obvious opportunities for 
interaction. The activity of a degrader may modify the ef- 
fect of a pesticide on target and non-target microorganisms 
alike. The physicochemical characteristics of the soil envi- 
ronment - in particular the capacity of the soil to adsorb 
and chemically »ind various pesticides and their residues 
(Stevenson 1 . Bartha 1980) — greatly modify the toxicity 
and persistence characteristics of t! » chemicals. Because 
of this detoxifying effect of soil, and a prevalent belief that 
primitive organisms such as fungi and bacteria are inher- 
ently less sensitive to toxic substances than are organisms 
on a higher level of evolution, some scientists question the 
necessity of testing pesticides for effects on non-target soil 
microorganisms. Although there is some truth in the above 
generalizations, there are also numerous exceptions. If there 
were none, we would not have antibiotics, sulfonamides, 
fungicides, or nitrification inhibitors. So, to most of us, the 
question is not whether to test or not to test, but how to 
test, and how extensively. 





Fig. 1. Interactions of soil microorganisms with pesticides. A non- 
target soil microorganism (left) and a target nitrifier (center) 
are being hit by the nitrification inhibitor nitrapyrin. Another 
soil microorganism (right) uses an acvlanilide type herbicide as 
substrate. The cartoon emphasizes that a variety of interactions 
occur in soil simultancously, usually mitigating but sometimes 
potentiating pesticide toxicity. For this and other reasons dis- 
cussed in the text. the testing of pesticide effects on isolated 
microbial cultures has no relevance to the actual effect of a 
pesticide in soil 


Test Systems 


The more commonly employed systems that are used in 
evaluation of pesticide effects on non-target soil microor- 
ganisms may be classified as follows: (1) Pure cultures of 
microorganisms active in (a) biogeochemical cvcling and 
(b) pesticide biodegradation; and (2) soil microbial ecosys- 
tems incubated (a) in the laboratory and (b) in the field 

The simplicity of methodology and of data interpreta- 
tion seduces some investigators to prefer pure cultures as 
test systems. If one takes this approach, the question of how 
to select the test organisms arises. Unless one is resigned to 
being utterly arbitrary, one would tend to pick cultures of 
microorganisms that have some important biogeochemical 
cycling function in soil —e.g., a nitrogen fixer, a nitrifier, 
or a cellulose degrader. Alternately, one may pick a known 
degrader of pesticide “A” and test the effect of pesticide “B” 
on this organism, with the tenuvus rationale that inhibi- 
tion of the degrader by pesticide “B” may increase the per- 
sistence of pesticide “A.” I am strongly convinced that no 
matter how they are selected, tests on pure cultures are 
totally irrelevant and fail to predict the actual effects of 
a pesticide in soil. The pure culture approach ignores the 
mitigating effects of biodegradation, of physicochemical 
binding to soil components, and of the homeostasis of a 
diverse microbial community. This type of testing should 
be actively discouraged. 

The testing of the effects of a non-target pesticide in soil 
ecosystems is more demanding in terms of methodology, 
but it is the only relevant approach. In laboratory tests, 
a homogeneous soil sample is incubated under controlled 
environmental conditions (temperature, moisture, etc.), 
usually in a closed container. Care should be taken to mini- 
mize the effects of sample processing and storage on the 
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soil microbial community (Pramer and Bartha 1972). The 
interpretation of results in laboratory experiments is easier; 
measurements tend to be relatively precise and repeatable. 
However, the simplified laboratory test system usually fails 
to take into account such factors as evaporation, leaching, 
photodegradation, and the effects of plant rhizospheres 
(Hsu and Bartha 1979) — all factors that may influence the 
persistence of pesticides and their effects on non-target 
microorganisms. Field experiments are slow, costly and 
less precise, but they are the ultimate test of overall pesti- 
cide effects and behavior. As a compromise, the results of 
extensive laboratory tests are usually verified in a more 
limited field testing program. 


Test Approach 


The selection of the proper test approach is as critical 
as that of the proper test system. Four available approaches 
are (1) effects on numbers as measured by (a) direct counts 
(total or selective) or (b) “viable” counts (total or selective); 
(2) effects on diversity; (3) effects on biomass; and (4) effects 
on activity as measured by (a) broad-spectrum activity indi- 
cators and by (b) specific activity indicators. 

Most of these approaches have been used by various 
investigators in the evaluation of pesticide effects on non- 
target microorganisms, but not all the tests are equally use- 
ful. The relative simplicity and “quantitativeness” of count- 
ing procedures make these methods popular with some 
investigators, who tend to forget that, thugh counting is 
simple, the interpretation of microbial counts is not. Direct 
counts usually fail to distinguish between live and dead, 
and between active and inactive microorganisms. The 
investigator does not know whether he enumerates survi- 
vors or makes “body counts.” Also, the identity of the 
counted organisms remains obscure. Theoretically, immu- 
nofluorescent straining allows the performance of selective 
direct counts (Gray 1973; Schmidt 1973), but in practice 
the technical difficulties of this approach are prohibitive. 
“Viable” counts are inherently selective, and direct counts 
are typically two or three orders of magnitude higher than 
“total” viable counts. The counted viable organisms may 
have been active or inactive in soil, Most media used in 
viable counts favor the zymogencous soil microorganisms 
that are normally dormant, and which are the least likely 
to be affected by pesticides. Also, the mere fact of survival 
of a microorganism does not ensure its undisturbed func- 
tioning. 

The greatest drawback of the counting procedures is their 
inherent indirectness. Should one find that, as a conse- 
quence of pesticide treatment, viable microbial counts per 
gram of soil decrease from 8.6 « 10° to 3.5 = 10°, and 
should one even be able to prove that this decrease is sta- 
tistically significant, the legislator and layman are both 
likely to respond to such dramatic findings with a cheerful 
“So what?” Personally, I think they have a good point. 
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Physicochemical stress tends to reduce community diver- 
sity and, theoretically. pesticide stress on non-target 
organisms could be detected and measured on the basis of 
that reduction. However, the practical difficulty of 
identifying large numbers of soil microorganisms renders 
this approach impractical. Detrimental effects of pesticides 
may cause a decrease in microbial biomass. Since the meas- 
urement of viable microbial biomass in soii is a difficult 
task. and since biomass, like a court, is onl, an indirect 
and uncertain indicator of microbial performance, there 
is little or no advantage to following this approach. 

From the foregoing it should be clear that | strongly favor 
the measurement of microbial activity as a test approach 
for evaluation of the pesticide effects on non-target soil 
microorganisms. Such tests are direct and justifiable; they 
need not be supported by convoluted rationalizations. An 
ample body of scientific literature testifies to the impor- 
tance of microbial cycling activities in maintaining the 
fertility of agricultural and other soils. If these activities 
are subject to serious and lasting disruption from pesticides 
or their residues, soil fertility suffers — and loss of fertility 
is something layman and legislator can easily understand 
and respond to. In some measurements (e.g... carbon dioxide 
evolution, oxygen consumption, and dehydrogenase activ- 
ity), the general functioning cf broad segm ents of the soil 
microbial coramunity is assessed. Other activity tests (dis- 
cussed later) reveal the effects of pesticides on min- 
eralization of selected natural or xenobiotic compounds, 
or on distinct biogeochemical cycling processes such as nitro- 
gen fixation and nitrification. 


Test Conditions 


In contrast to the disagreement about test approaches, 
there is widespread agreement on test conditions. Although 
some investigators are occasionally tempted to use unreal- 
istically high pesticide concentrations or soil samples pro- 
cessed in a harsh and biologically disruptive manner, EPA 
guidelines (EPA 1975) and the practice of most investiga- 
tors are consistent with the general test conditions sum- 
marized here: 

Application rates; |= , 10x 

Application form: formulated 

Soil: fresh, representative 

Incubation conditions: relevant to projected use 

Incubat .n time: to reach recovery or steady state 

Replicates: to allow statistical analysis 

As indicated, the pesticide is applied at the equivalent 
of its recommended field application rate (1 = ), and also 
at a 10-fold rate (to establish a margin of safety and to study 
the effects of misuse or accidental spillage). Although it is 
often aclvantageous to use technical or analytical grade ma- 
terial in biodegradation tests that involve CO, evolution 
or similar non-specific test methods, the pesticides used in 
tests for non-target effects should always be formulated, 


because solvents or detergents may potentiate the effects 
of the pesticide on non-target soil microorganisms. The soil 
used should be fresh and should be processed in a manner 
that minimizes effects on the soil microbial community 
(Pramer and Bartha 1972). The choice of test soil (or soils) 
should be governed by the prospective use of the pesticide. 
For example, the effects of an herbicide used primarily for 
weed control in corn would be logically tested in a typical 
U.S. Corn Belt soil. If use is expected to be more diverse, 
it is advisable to test the pesticide in three different soils, 
ranging in texture from light and sandy through loam to 
heavy clay. In this series, there is a stepwise increase in the 
soil adsorption characteristics that often markedly affect 
pesticide toxicity, mobility, and persistence. Incubation 
conditions should be related, insofar as possible, to projected 
field conditions. Since most crops are grown in well-drained 
but moist soils, the moisture content of test soil samples is 
usually adjusted to 50-70 of their water-holding capacity. 
However. effects of pesticides with projected use in rice 
paddies should be tested in flooded soil samples. Incuba- 
tion temperatures are commonly 20-28° C, reflecting aver- 
age soil temperatures during the growing season. 

The length of the incubation period is dictated by the 
nature and duration of effects on non-target soil micro- 
organisms. Most effects are transient, and incubation 
periods should be long enough to enable the investigator 
to observe the time required for full recovery. If there is 
no apparent recovery within a reasonable period (2-3 
months), measurements should continue at least until a 
steady state is reached. 

The wumber of replicates tested usually represents a 
compromise between the desired accuracy and the work- 
load that needs to be handled. However, since there is an 
inherent variability among soil samples and the superim- 
posed pesticide effect is seldom dramatic, some replication 
and an appr priate statistical analysis of variance are men- 
datory. 


Broad-Spectrum Indicators 
of Microbial Activity 


Four broad-spectrum indicators of microbial activity can 
be measured in agricultural soils by well-established 
techniques: (1) evolution of CO,, (2) consumption of O,, 
(3) dehydrogenase activity, and (4) adenosine triphosphate 
(ATP) or energy charge. 

The evolution of CO, from well-aerated soils at stable 
pH reflects microbial respiration. In long-term experiments, 
CO, evolution is easier to monitor than O, consumption. 
The biometer flask system (Bartha and Pramer 1965) has 
been adopted for such measurements in a number of 
laboratories. but other systems have been described (NOm- 
mik 1971; Klein et al. 1972). In relation to all these sys- 
tems, it should be remembered that when oxygen is limited, 
CO, may arise from fermentative reactions, as well as from 
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respiration. A drop in pH may result in the non-biological 
release of CO, from carbonates. Oxygen consumption is 
monitored by conventional mavometry (Tu 1978), but for 
long-term experiments, Warburg or Gilson type respirom- 
eters must often be modified in scale and design (Harris 
1966; Bartha 1968). Dehydrogenase assays measure both 
aerobic and anaerobic activity and commonly rely on the 
spectrophotometric assay of triphenyiformazan production 
from triphenyltetrazolium chloride (Casida 1977). The 
measurement of ATP, a relatively new technique, corre- 
lates both with biomass and the activity status of the bio- 
mass. A variation of this technique that determines the 
adenylate energy charge resolves the above ambiguity, and 
is the most useful variant of the procedure (Jenkinson and 
Oades 1979; Oades and jenkinson 1979). 


Specific Microbial Activities of Importance 
in Agricultural Soils 


From a great variety of mineral cvcling activities. five 
are listed here as having special relevance to the fertility 
of agricultural soils: (1) mineralization of carbon of natural 
substrates or of other pesticides, (2) nitrification, (3) nitro- 
gen fixation, (4) sulfur oxidation, and (5) phosphatase ac- 
tivity. 

Specific activity measurements may be used in monitoring 
the mineralization of selected plant or animal constituents 
(e.g., starch or cellulose, gelatin or chitin). Alternatively, 
complex plant material — e.g., alfalfa meal — may be used 
instead of a chemically defined substrate (Johnen and Drew 
1977, Atlas et al. 1978). The effect of one pesticide on the 
decomposition of another may be tested, and radiolabeling 
of the test substrates greatly increases the sensitivity, 
specificity, and speed of such assays. Nitrification is a notor- 
iously sensitive process that controls nitrogen mobility and 
availability to plants. Nitrogen fixation, especially by 
rhizobia symbiotic with legumes, can lead to important sav- 
ings in expensive nitrogen fertilizer. Oxidative reactions of 
the sulfur cycle are important in H,S detoxification, soil 
pH control, and sulfur availability to plants. The effects 
of various pesticides on these processes were tested by 
Johnen and Drew (1977) and Atlas et al. (1978). Pesticide 
interference with the reductive reactions of the sulfur and 
nitrogen cycle (sulfate reduction, denitrification) should 
have little or no effect on soil fertility. These reactions are 
intentionally suppressed in agricultural practice through 
maintenance of aerobic soil conditions. From a strictly agri- 
cultural viewpoint, it would be paradoxical to assign a high 
priority to the evaluation of pesticide interference with pro- 
cesses that are considered detrimental to soil fertility and 
that land managers seck to suppress anyway. In the global 
scale, however, the reductive portions of the nitrogen and 
sulfur evcles are integral parts of material and energy flow. 
The testing of pesticide effects on reductive mineral cycling 
processes can be rationalized on this basis. Phosphatase ac- 
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tivity, as a factor controlling phosphate mobility and avail- 
ability to plaats (Tatabai and Bremer 1969). is sometimes 
monitored to determine its sensitivity to pesticides (Atlas 
et al. 19758). 


Evaluation of Non-Target Effects 


If tests like the ones outlined reveal that a pesticide or 
its residue has a statistically significant effect on the activity 
of some non-target microbes, the question arises of how to 
evaluate such an effect. Four useful criteria and consider- 
ations are (1) importance of the effect (in context of specific 
use), (2) severity of the effect, (3) duration of the effect, 
and (4) overall risk-benefit equation. 

I believe that it is important to evaluate any non-target 
effect in the context of the specific use of the respective 
pesticide. Should a moderate and temporary inhibition of 
nitrification be held against a pesticide when it is used in 
situations where nitrification inhibitors are deliberately used 
to prevent loss of nitrogen fertilizer? Is some inhibition of 
carbon mineralization detrimental when, at the same time. 
there is a concern about depletion of humus in cultivated 
soils? 

The severity and duration of the effects on non-target 
microorganisms are important considerations. In current 
thinking. a moderately severe effect followed by rapid and 
complete recovery is less alarming than a milder but per- 
sistent effect. But what is an acceptable level and duration 
of a pesticide effect on a non-target microbial process that 
is considered to be essential for soil fertility? Can absolute 
guidelines ever be developed? | do not think so. The risk 
of undesirable side effects will have to be balanced against 
the expected benefit, which will vary from time to time 
and from place to place. The United States and other ad- 
vanced countries could afford to ban DDT; underdeveloped 
countries with severe arthropod-borne disease problems and 
limited economic resources could not. 

Scientists must recognize that they contribute only a sin- 
gle clement to the complex decision-snaking process in pest - 
cide licensing. Economic, sociological, and political fac- 
tors invariably influence licensing, and sometimes override 
scientific considerations. Nonetheless, scientists owe it to 
their discipline and to the general public to make their input 
as accurate and relevant as the state of the art permits. The 
test procedures are now in the process of being developed. 
Rather than complair. about them later, scientists should 
make sure that they participate in shaping them. 
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Abstract 


Federal regulations such as the Toxic Substances Control Act and the Federal Insecticide, Fungicide, 
and Rodenticide Act mandaie the testing of new chemicals for their toxicity to numerous biological 
spe ies, including microorganisms. In the present discussion I conclude that it is premature to require 
microbial toxicity studies. There is neither consensus about how to evaluate toxicity of chemicals to 
microorganisms nor stancard methodology. The literature substantiates that microorganisms, in general, 
are less sensitive to the toxic effects of chemicals than are higher animal species. Initial environmental 
effects tests, conducted on higher organisms, should result in water quality regulations sufficiently restric- 


tive to protect microbial species. 


Current Federal regulations, such as those imposed by 
the Toxic Substances Control Act (TSCA) and the Federal 
Insecticide, Fungicide, and Rodenticide Act, require that 
all new chemicals (except those regulated by the Food and 
Drug Administration) and certain existing chemicals be 
evaluated for their mammalian and environmental safety 
properties. In addition to the numerous environmental fate 
tests, toxicity testing is required on mammals (rat, mouse, 
dog, and rabbit), birds (quail and duck), terrestrial plants 
(monocot and dicot), aquatic plants (duckweed), inverte- 
brates (Daphnia), fish, algae, and several groups of micro- 
organisms. The present discussion concerns the need to eval- 
uate the toxicity of chemicals to microorganisms as part of 
a base set or initial tier of testing requirements. 

Microorganisms are an essential group of organisms. 
They are responsible for all nitrogen fixation from the 
atmosphere, about ene-third of all primary production of 
fixed carbon and regenerated oxygen, and ammonia con- 
version of organic matter to carbon dioxide and methane 
(Kelly 1978). On the basis of these considerations alone, 
microorganisms should be considered in a toxicity test pro- 


gram. But at what stage in the safety evaluation program 
should they be considered? 


Comparison of Chemical Toxicity 
to Microorganisms and Other Species 


Before I discuss microbial effects testing, I shall attempt 
to put the need for these studies in perspective with the need 
for studies of other species. The following list (from Villee 
1963) shows the approximate number of species of each 
major group of organisms in the world and (in parentheses) 
the number of species recommended for testing under 
TSCA. 





Group No. of species 

Plants 
Algae 12,000 (4) 
Bacteria 5,000 (2) 
Fungi 70,000 (1) 
Mosses 23,000 
Vascular plants 400,000 = (3) 

Animals 
Protozoa 15,000 
Coelenterates 4,500 
Nematodes and annelids 14,000 
Rotifers 1,200 
Arthropods 650,000 (2) 
Molluscs 80,000 
Reptiles and amphibians 600 
Fishes 2,000 (2) 
Birds 1,700 (2) 
Mammals 400 (4) 


The organisms selected for testing represent species in the 
food chain leading from algae to birds and man, aquatic 
and terrestrial plants, and three microbial processes. It is 
obvious that the 70,000 to 100,000 chemicals requiring 
testing cannot be screened for toxicity to all species. It is 
desirable to select only a few significant test methods and 
species for initial screening studies. On the basis of results 
from these studies, the need to test additional species can 
be evaluated. 

What is known about the comparative toxicity of chemi- 
cals to different species? In general, microorganisms are less 
susceptible to the toxicity of chemicals than are higher or- 
ganisms because of their adaptive capabilities, cell wall 
structure, enzymes, and protection afforded by the environ- 
ment. Considerable literature is available about the toxicity 
of chemicals to a variety of organisms. However, there is 
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Table 1. Toxicity (effective concentration) of five chlorophenols to different organisms.* 











Test organism and EC value - Calorephenal 
(mg/L) Mono- Di- Tri- Tetra- Penta- 
ECSO 
Rat 670 580 820-2,960 140 78 
Fishes 3-8 _ 0-6 — 0.03-0.5 
Invertebrates 3 ~ 4 ~— 5 
EC100 
Protozoa ~ ~ 7 ~ ~ 
Macrophytes 283 59 2-6 0.6 0.2 
Algae 100-250 50 5 ~ 0.004 
Fungi _ —- 2-50 1-30 1-50 
_ Bacteria 100 30-40 15-20 7-400 2.5-2,500 





*EC = effective concentration; concentraton (mg/L) required to inhibit growth by 50% (EC50) or 100% (EC100). Data from EPA (1979). 


usually no basis for comparison of different studies because 
the methodologies used differ. Thus it is not surprising to 
find reports for the toxicity of one chemical (su +h as DDT) 
to one organism (such as green algae) indicating values any- 
where from no effect at 100 to 100,000 ppb to significant 
effects at concentrations as low as 0.3 to 100 ppb (Wright 
1978). 

The U.S. Environmental Protection Agency (EPA) has 
also been gathering data on the environmental effects of 
existing chemicals. A recent review of the environmental 
effects of chlorophenols (EPA 1979) indicated that toxicity 
generally increases with the d-gree of chlorination, and that 
bacteria, fungi, and the ra’. are comparatively resistant to 
these chemicals (Table 1). One problem with these data 
is that results for microorganisms are expressed as EC100 
values, whereas those for higher organisms are presented 
as EC50’s (EC values do not necessarily quantitatively de- 
fine lethality). Fish and algae are the most sensitive to the 
most toxic isomer, pentachlorophenol. 

Kenaga and Moolenaar (1979) published the first 
documentation showing that a wide variety of chemicals 
were generally less toxic to plants than to animals. Screening 
studies with 28,000 to 49,000 industrial chemicals of 
practically every conceivable type were conducted with four 
species of fish, one invertebrate, five vascular plants, and 
one alga. More than 95% of the chemicals were not acutely 
toxic to any species at aqueous concentrations below 2 ppm 
(Table 2). Fish were the most sensitive species; 4.3% of the 
chemicals were toxic to fish at concentrations below 2 ppm. 
The invertebrate Daphnia was the next most sensitive 
species; 2.9% of the chemicals showed toxic effects at levels 
below 2 ppm. Only 0.12 and 0.02% of the chemicals were 
acutely toxic to algae and plants, respectively, at concen- 
trations below 1 ppm; those that were toxic to algae and 
plants at these concentrations were also toxic to Daphnia 
and fish. The authors concluded that initial environmental 
effects tests with Daphnia and fish should be sufficient to 
set water quality limitations that will also protect micro- 
organisms and plants. 


Table 2. Acute toxicity of industriai chemicals (percent of 
compounds causing inhibition) 





Organism and (in parentheses) number of 








compounds tested 
Ac uatic 
EC100 Daphnia Fish pants Algae 
(mg/L) (33,900) (35,305) (27,781) (49,082) 
1-2 2.9 4.3 0.71 0.54 
0.1-1 2.4 1.3 0.12 0.02 
0.01-1 0.6 0.14 0.0 0.006 





*From Kenaga and Moolenaar (1979). EC100 = effective con- 
centration (concentration required to stop growth). 


Bringmann and Kuhn (1980), who studied the toxicity 
of 156 inorganic and organic chemicals to three microbial 
species, Pseudomonas sp., Scenedesmus sp., and Entosi- 
phon sp., reported that various chemicals were selectively 
more toxic to one species than to others. However, 89% 
of the chemicals did not display toxicity threshholds below 
1 ppm. Extension of this work to higher species would be 
valuable. 


Effects of Xenobiotics 
on Microbial Ecosystems 


Are microbial ecosystems seriously threatened by the 
presence of synthetic chemicals? Evidence in the literature 
generally indicates that neither aquatic nor terrestrial 
microbial ecosystems are in danger. Kenaga and Moolenaar 
(1979) showed that 99.9% of 28,000 to 49,000 chemicals 
tested were not acutely toxic to microorganisms at concen- 
trations below 1 ppm. Aquatic monitoring data by Sheldon 
and Hites (1978) of several hundred industrial chemicals 
indicated that environmental levels were generally below 
10 ppb and that only a few chemicals were found in the 
10- to 100-ppb concentration range. There thus appears to 
be a considerable safety margin between microbial effect 
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concentrations and environmental exposure levels. In ter- 
restrial ecosystems. Anderson (1978) concluded that 
undesirable effects of pesticides, applied at normal use rates, 
to microorganisms and their activities in soil are uncom- 
mon, and thet where these effects exist they are only tran- 
sient. The «ignificance of these transient effects is difficult 
to assess 

One should not, however, arrive at the conclusion that 
microbial systems are to be ignored in an ecological effects 
program. There are potential problems. Many environ- 
ments are constantly receiving materials from heavy 
industry. There are areas where chemical spills occur, land- 
fills, and sediments where persistent insoluble water chemi- 
cals accumulate. These particular situations may provide 
the opportunity for xenobiotics to affect microbial processes. 
However, before regulations requiring microbial effects 
testing are enforced, several basic research questions should 
be addressed: What are the important microbial processes 
to study? Are current concentrations of chemicals affect- 
ing these processes? How does one assess the effects of 
chemicals on these processes? Are there sensitive indicator 
organisms that can be used in a test program or in nature 
to monitor toxic eff+cts on microbial ecosystems? 

In addition, there are problems associated with the cur- 
rently proposed microbial effects tests under TSCA. It is 
questionable whether the most appropriate test species have 
been selected. Rather than selecting representatives of major 
biogeochemical cycles, would selection based on taxonomic 
considerations be better? It is conceivable that certain 
chemicals that have no effects on the proposed test species 
have significant effects on other species. Conversely, a 
chemical could show high toxicity to pure cultures of micro- 
organisms, but have insignificant effects under actual 
environmental conditions. These and related considerations 
are important to the development of meaningful regula- 
tions, and of testing programs to determine the ecological 
effects of chemicals. 


Environmental Testing Program 


On the basis of the above considerations, I believe that 
an initial environmental screening program under TSCA 
should include primarily the tests listed here: 


Environmental fate 
Mobility 
Octanol-water partition coefficient 
Aqueous solubility 
Vapor pressure 
Persistence 
Biological degradation 
Photochemical degradation 
Aquatic toxicity 
Algae 
Invertebrates 


Fish 
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Decisions as to the need for additional studies with addi- 
tional species should be based on the results of these tests. 
More detailed ecological effects testing, including tests on 
microbial species, would be warianted for chemicals that 
display high or widely variable toxicity to the three test 
species, are highly soluble and tend to partition to biologi- 
cal tissue, are persistent, or are likely to approach toxic level: 
in the environment. Specialists must, however, escape th: 
concept of testing all conceivable species in the early phases 
of a testing program for a chemical. It is essential that the 
use of test species for evaluation of chemical effects adhere 
to the basic principles of hazard assessment of chemicals 
that were discussed by Cairns et al. (1978). 

For the chemicals for which microbial effects testing 
might be warranted, several approaches could be taken. 
As one alternative, a variety of representative environ- 
mentally important species of bacteria, fungi, yeasts, algae, 
and protozoans could be selected on the basis of taxonomic 
considerations and ease of laboratory cultivation. Toxicity 
of the test chemical could be evaluated by using pure cul- 
tures, and could be expressed as the EC50. Another 
approach might involve selection of microbial populations 
for testing on the basis of the route of entry of the chemi- 
cal to the environment. For chemicals that enter soil, micro- 
bial effects testing mir 4t involve studies of nitrogen fixation 
and cellulose decomposition. For chemicals entering water, 
effects on aerobic and anaerobic heterotrophs would be 
appropriate. Although both of these approaches (pure cul- 
tures, populations) are now being considered, neither is 
completely satisfactory. Laboratory methodology is re- 
quired to simulate more closely the microbiological pro- 
cesses in the natural environment. In the future, the use 
of laboratory microcosms may fulfill the combined need 
of establishing the fate, persistence, and toxicity of chemi- 
cals under more realistic environmental conditions. Until 
then, investigators must live with the deficiencies in cur- 
rent methodologies. 


Conclusions 


It is generally recognized that microorganisms are less 
sensitive to the toxic effects of industrial chemicals than are 
higher species. Therefore, higher organisms should be used 
in initial environmental effects testing. Water quality regu- 
lations arising from tests on higher organisms should be suf- 
ficiently restrictive to protect microbial populations. For 
some chemicals, microbial effects testing might be appro- 
priate. However, there is now no consensus as to the best 
methodology for determination of appropriate microbial 
toxicological information. More basic research is needed 
before regulated testing is undertaken. 
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Xenobiotic Poisoning of Specific and Non-specific Microbial Pathways! 


by 
B. Thomas Johnson 


U.S. Fish and Wildlife Service 
Columbia National Fisheries Research Laboratory 
Columbia, Missouri 65201 


Abstract 


The xenobiotic insecticide Kepone at water concentrations of < 10 mg/L did not significantly affect 
biogenic activity of autochthonous microbiota in freshwater sediments within laboratory microcosms. 
The presence of Kepone at these exposure concentrations did not perturb oxygen consumption, the electron 
transfer system, tutal viable bacterial counts, ov nitrogen and carbon transformation. Kepone signifi- 
cantly inhibited the biodegradation (in freshwater sediments) of six representative types of aquatic con- 
taminants: three plasticizers (or related compounds), two organophosphate insecticides, and an aliphatic 
organochlorine. Inhibition by Kepone appeared to be dose-responsive and compound-specific: the de- 
creasing order of sensitivity was di-n-butyl phthalate, Imidan, and Dylox. In all tests, sediments tended 
to recover with time. Sediment pre-exposed to Kepone for 30 days or incubated anaerobically (with 
Kepone) inhibited biodegradation. The: + appears to be no relation of the perturbation of biogenic activity 
to the xenobiotic activity associated with sediment microbiota. Although Kepone (< 10 mg/L) inhibited 
the biodegradation of the test xenobiotics, no significant inhibition of general microbial activity was 


detected. 


Xenobiotic chemicals are found in the fresh waters of the 
Nation — in streams, rivers, and lakes; they are numerous, 
varied, and complex. Traditionally, the waterways of the 
world have been the sink for wastes of civilization. Seem- 
ingly dilution was the answer to pollution. However, the 
potential or proven toxicity of xenobiotic wastes of modern 
agriculture and industry (National Institute for Occupa- 
tional Safety and Health 1976; International Trade Com- 
mission 1978) has made it necessary that the use and dis- 
posal of these chemicals be reassessed. Frequently, these 
ubiquitous xenobiotic wastes are not readily assimilated by 
the natural decomposition process. The capacity of aquatic 
microbiota to mineralize all organic matter, which 
Beijerinck described as “microbial infallibility,” is, never- 
theless, clearly fallible (Alexander 1965). Many xenobiotics 
resist microbial degradation, are biotoxic, can accumulate 
in organisms, and even move through food webs (Wood- 
well 1967, 1970; Johnson 1974, 1980b; Columbia National 
Fisheries Research Laboratory, unpublished data); many 
are hazardous to man, fish, and wildlife (Johnson and 
Finley 1980). 

Aquatic toxicologists and ecologists have become in- 
creasingly concerned with the possibility of xenobiotic-in- 
duced disruption in aquatic biogeochemical cycles. At least 





'This research was partly sponsored by the U.S. Environmental 
Protection Agency through Interagency Agreement No. EPA- 
IAG-D6-0126. I thank Michael Heitkamp and Blaise Brazos for 
their technical assistance. 


four fundamental questions need to be answered: Do these 
chemical contaminants induce communal and functional 
changes in autochthonous microbiota that impair vital 
nutrient cycles? Is the potential effect additive when one 
xenobiotic chemical influences the biodegradation of 
another xenobiotic in sediments? Can the half-life of these 
chemicals be affected by the presence of other xenobiotics? 
And ultimately, How do these effects influence water qual- 
ity and the fisheries of inland waters? 

In this paper I report a laboratory approach to an assess- 
ment of the impact of xenobiotic chemicals on the micro- 
biota of freshwater sediments. I studied the microbiota in 
mixed culture, in a soil-water microcosm that simulated 
a moderately eutrophic epilimnetic sediment of a lentic 
community. I chose the insecticide Kepone as a xenobiotic 
type; it represents a ubiquitous group of troublesome 
aquatic contaminants — the organochlorines. These xeno- 
biotics are characterized by containing structures with 
either aromatic or cyclic moieties and a C-Cl linkage; they 
tend to be water insoluble, lipophilic, biotoxic, persistent, 
and bioaccumulative in the environment (Woodwell 1967; 
Johnson 1974). 

My specific objectives in this study were twofold: (1) to 
determine if Kepone at environmental concentrations per- 
turbs “normal” biogenic activity of microorganisms in fresh- 
water sediments, and (2) to determine if Kepone influences 
the “normal” ability of a microbial community to degrade 
other common aquatic chemical contaminants already pres- 
ent or introduced later into the sediments. 





Materials and Methods 
General Procedt:res 


Xenobiotic Type: Kepone 

Kepone, the principal name for at. organochlorine in- 
secticide (decachloro-octahydro-1,3,4-metheno-2H-cyclo- 
buta [cd] pentalen-2-one; trade names GC1189 or Chlorde- 
cone), is relatively water insoluble, lipophilic, environ- 
mentally persistent (National Academy of Sciences 1978; 
Skaar et al. 1981), and relatively toxic to aquatic life (John- 
son and Finley 1980). It tends to resist biodegradation in 
both aerobic and anaerobic sediments, and to bioaccumu- 
late in fish and invertebrates (Skaar et al. 1981). 

Until a few years ago, Kepone was an obscure pesticide, 
sold primarily for export; it had only limited use in the 
United States as a roach and ant bait (National Academy 
of Sciences 1978). It was produced under a contractual 
agreement from Allied Chemical Company to Life Sciences 
Products, Hopewell, Virginia. Production was discontinued 
in 1975 when clinical evidence of Kepone intoxication was 
detected in workers; shortly thereafter the use of the com- 
pound was banned in the United States (Bell et al. 1979). 
Investigation into the Hopewell operation indicated that 
a significant portion of the James River, a major tributary 
of the Chesapeake Bay — and a rich estuarine area — was 
contaminated by Kepone and its by-products. Apparently 
over a number of years “Kepone-batches” were dumped into 
domestic drains or wetland fills (Huggett and Bender 1980). 
Through the years, these chemicals, both parent and by- 
product molecules, were carried or leached into Baileys 
Creek and the James River. The Kepone-Hopewell story 
was extensively reviewed by Bell et al. (1979), National 
Academy of Sciences (1978), and Huggett and Bender 
(1980). A num' er of microbial studies have also been re- 
ported (Bourquin et al. 1978; Orndorff and Colwell 1980a, 
1980b, 1980c; Skaar et al. 1981). The Kepone problem at 
Hopewell represents a massive point-source contamination 
of an important water resource. 


Toxicant and Treatment Procedure 


Kepone, Technical Grade, was obtained from Allied 
Chemical Corporation, Morristown, New Jersey. Determi- 
nation by electron capture gas chromatography indicated 
that the stock purity was 94.1%. Analytical grade acetone 
was used as a carrier for Kepone. Kepone was introduced 
into the sediment at concentrations of 10.0, 1.0, and 
0.1 mg/L. Sediment residues in the James River (Hopewell, 
Virginia) were reported to be in the 10-mg/L range 
(National Academy of Sciences 1978). Specific treatment 
concentrations and length of exposure varied with 
experiments; specific data are included with each 
experiment. 


Sediment Sampling 
Sediment samples were collected from Little Dixie Lake, 


eg 
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Table 1. Physicochemical characteristics of water from 
___ littoral zone of Little Dixie Lake, Missouri. 


Characteristic and unit 








Characteri Value 
Temperature (° C) 22 

pH 7.7 
Conductivity (amhos/cm) 225 
Total hardness (mg/L as CaCO,) 70 
Total alkalinity (mg/L as CaCO,} 65 
Total nitrogen (zg/L) 678 

NH, (ag L) 29 
Nitrate-nitrite (ug/L) 3.0 
Total phosphorus (gg/L) 52 
Ortho PO, (ug/L) 18.9 
Dissolved organic carbon (gg/L) 5.5 
Direct bacterial counts (no. per mL)> 15 x 10° 


«From American Public Heaith Association et al. (1980), or U.S. En- 
vironmental Protection Agency (1974). 
bAcridine orange direct count (Hobbie et al. 1977). 


Missouri, an 83-ha impoundment located in an agricultural 
watershed about 16 km east of Columbia. The lake is 
slightly eutrophic; general chemical characteristics of the 
water are shown in Table 1. Samples were taken in spring 
and fall from the littoral zone at a depth of about 1.5 m, 
with an Ekman dredge. The upper 2 to 3 cm of the sedi- 
ment were removed and homogenized with a blender for 
several minutes. Gas chromatographic analysis of the sedi- 
ments revealed no detectable Kepone or other organo- 
chlorine chemicals (sensitivity: 20.02 yg/g’. 


Biogenic Tests 


Total Viable Count and Functional Group Identification 


Total viable counts of bacteria and selected functional 
activity in sediments were obtained by the Most-Probable- 
Number (MPN) method of Cochran (1950), modified as de- 
scribed by Johnson (1980a). This microtechnique approach 
with multiwell Minitech plates (10-fold dilution and five 
replicates per dilution) was used to estimate the total micro- 
bial population and enumerate specific functional groups 
for the MPN analyses. Samples in Minitech plates were 
incubated for 2 to 4 weeks in a dark, humid container at 
22° C. Five media were used: 1% peptone broth, 1% 
nutrient broth, starch agar, gelatin agar, and nitrate-indole 
broth. I measured ammonification with Nessler reagent, 
starch hydrolysis with 1% iodine solution, denitrification 
with the nitrite test, and protein hydrolysis with 1% HgCl,, 
using the methods described in Society of American Bac- 
teriologists (1957). 


Electron Transport System Activity 


The triphenyltetrazolium chloride (TTC) method was 
used to measure dehydrogenase activity in sediments. The 
TTC was used as an artificial electron acceptor, with either 
1% peptone or 1 % glucose solutions as C or N sources. The 
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method was described by Johnson (1980a). Tetrazolium oxi- 
doreductase (dehydrogenase) activity was recorded by the 
formation of TTC-formazan, extracted with ethanol, and 
measured at 495 nm with a Spectronic 100 spectrophotom- 
eter equipped with a flow-through cell. 


Sediment Respiration (Oxygen Consumption) 


Sediment respiration was measured with an oxygen probe 
(Orion Research Inc., Cambridge, Massachusetts) and a 
Gilson Single Valve Differential Respirometer (Gilson Medi- 
cal Electronics, Inc., Middleton, Wisconsin). For direct 
probe measurement, | placed 5 g (wet weight) of fresh sedi- 
ment and 45 mL of fresh lake water in an acid-washed 
250-mL Erlenmever flask; the samples were set aside several 
days to permit particulate matter to settle. Oxygen concen- 
trations were measured, and the samples treated with dif- 
ferent concentrations of Kepone were gently mixed, immed- 
iately stoppered tightly, and placed in a dark incubator at 
22° C. Oxygen consumption was measured at 24, 48, and 
96 h. Samples received no additional carbon sources. 

I used the constant pressure manometry technique of 
Umbreit et al. (1964) to measure respiration rates of a 
freshwater-sediment microcosm with a Gilson Respirom- 
eter. The general method used was described by Johnson 
(1980a). Samples were pre-treated with 10 mg/L of Kepone 
for 24 h in a water-sediment microcosm. One gram (wet 
weight) was removed and placed in each Gilson reaction 
vessel. The samples were permitted to equilibrate at 22° C 
for 30 min before 1 mL of 0.25% glucose was introduced 
from the side-arm of the reaction vessel. Oxygen consump- 
tive was measured for 120 min. The control was autoclaved 
(20 min at 121° C and 15 psi [103.45 kPa)). 


Xenobiotic Tests 


'4C-labeled Compounds 


Labeled materials used, position of '*C-label, specific 
activity, and source are listed in sequence as follows: 
phthalic acid, carbonyl '*C, 10 mCi/mM, Pathfinder 
Laboratory, Inc., St. Louis, Missouri; di-2-ethylhexyl 
phthalate (DEHP), carbonyl-'*C, 10 mCi/mM, Pathfinder 
Laboratory, Inc., St. Louis, Missouri; di-n-buty] phthalate 
(DBP), carbonyl-"C, 1.53 mCi/mM, Malieackrodt, St. 
Louis, Missouri; chlorinated eicosane, 1-'*C, 2.12 mCi/mM, 
gift from U.S. Department of Health, Education, and Wel- 
fare, Industrial Practices Branch, Bureau of Food, 
Washington, D.C.; Imidan (Phosmet), N[ mercaptomethy]] 
phthalimide S-[0,0,-dimethylphosphorodithioate], car- 
bonyl-'*C, 13.2 mCi/mM, gift from Stauffer Chemical Co. , 
Modesto, California; and Dylox (Trichlorfon), dimethyl 
[2,2,2-trichloro-1-hydroxyethyl] phosphonate, 1-'*C, 1.22 
mCi/mM, gift from Mobay Chemical Corp., Kansas City, 
Missouri. 


Xenobiotic-Nenobiotic Interaction: Biodegradation 


Six '*C-xenobiotics were tested: Imidan, Dylox, DBP. 
DEHP., chlorinated eicosane, and phthalic acid. They 
represent a mixture of common environmental contami- 
nants of both agricultural and industrial origins. All are 
known to be readily biodegradable in freshwater sediments 
(Johnson 1974, and unpublished data). Mineralization (i-e., 
major degradation) of these labeled chemicals was easily 
monitored because of the position of the '*C-label within 
the molecule: '*CO, evolution was measured with either 
a flow-through respirometer (Johnson and Lulves 1975) or 
by the static method modified by Skaar et al. (1981) after 
Gledhill (1975). Either 0.2 M KOH or monoethylamine in 
glycerol was used as a '*CO, trap. Samples were counted 
by the liquid scintillation method of Johnson (1980a). 

Two types of experiments were designed: acute exposure 
(short-term, aerobic and anaerobic) and chronic (30-day, 
aerobic only). In the acute aerobic exposure, Kepone at con- 
centrations of 0.1, 1.0, or 10.0 mg/L and one of the six 
labeled xenobiotics were introduced simultaneously into a 
250-mL Erlenmeyer flask containing 10 g (wet weight) sedi- 
ment and 90 mL lake water; the sediment, Kepone, and 
the labeled xenobiotic were vigorously mixed for several 
minutes; samples were incubated in darkness at 22° C; and 
xenobiotic degradation (as '*CO,) was measured at 3, 7 
and 14 days. In the acute anaerobic exposure, Kepone at 
a concentration of 10 mg/L was incubated with DBP, 
DEHP, and Dylox under nitrogen gas for 14 days; samples 
were maintained anaerobically in a glove box (about 0.6 
x 1 m; Plas Labs, Lansing, Michigan) with an air-lock for 
removing samples under anaerobic conditions; and xeno- 
biotic degradation (as '*CO,) was measured at 3, 7, and 
14 days. In the chronic aerobic exposure, sediments were 
pre-treated with 10 mg/L Kepone for 30 days before the 
'4C-xenobiotic was introduced, and '*C-xenobiotic degra- 
dation was then measured at 37, 44, 51, and 58 days after 
the initial exposure to Kepone. 

The specific concentration of each 'C-xenobiotic 
introduced into the sediment with Kepone was in the pg/L 
range for each experiment: the concentrations are listed in 
tables giving the results of each experiment. Controls were 
autoclave-killed; 1% HgCl, was added to each flask to 
ensure continued abiotic conditions during incubation. 


Data Analysis 


Data analyses were based on comparisons with internal 
controls. All experiments were performed in triplicate with 
duplicate sampling, unless otherwise indicated. Data were 
subjected to statistical analysis at P < 0.05 by analysis of 
variance and multiple means analysis. 


Results and Discussion 


Kepone at water concentrations of <10 mg/L did not 
significantly affect biogenic activity of autochthonous 
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Table 2. Oxygen consumption (yl oxygen per 1.5 g sedi- Table 3. Oxygen consumption (mg/L; mean + SD) in fresh- 


ment, wet weight; mean + SD) in freshwater sediments 
ater 24 h exposure to Kepone (Gilson respirometer meas- 











__ urement).* 

k cecad. Minutes after addition of glucose 

ment (mg/L) 60 90 120 

10.0 148.5253 177.8237 228.8231 
1.0 148.2210 191.6210 231.2212 
0.1 145.2233 197.5422 254.0214 

Control 162.0234 205.2236 246.0243 





«Glucose (0.25 % ) was added to the reaction vessel at time 0; incuba- 
tion was at 22° C; all samples were in triplicate. 


microbiota in freshwater sediments within laboratory 
microcosms. Oxygen consumption, electron transport 
system (ETS) activity, total viable counts (MPN values), 
and nitrogen and carbon transformations were not per- 
turbed by Kepone at the exposure concentrations and inter- 
vals tested (Tables 2-6). Oxygen consumption in samples 
pre-treated or untreated with Kepone was neither stimu- 
lated nor inhibited when measured over hours or days, 
amended with or without an additional C source (Tables 2, 3). 
Specific ETS activity, as estimated by TTC-formazan for- 
mation, was not influenced by Kepone in samples amended 
with peptone or glucose (Table 4). The |MPN counts of bac- 


water ediments at different intervals after exposure to 
Kepone (Oxygen electrode measurement).* 


Hours after exposure 











Kepone treat- 

ment (mg/L) 24 48 6 
10.0 7.2+0.2 4820.3 3.42%.1 

0.1 6.6+0.1 3.920.1 2920.1 
Control 7.120.1 4020.2 2.4 20.4 





“Flask contained 10 g of sediment and 90 mL of lake water; incuba- 
tion was in darkness ai 22° C; ail samples were in triplicate. 


Table 4. The effect of different Kepone concentrations on 


electron transfer system (dehydrogenase-TTC )* in fresh- 
water sediments amended with a C or N source. 


TTC-Formazan (gg/mL) 





Kepone treatment 








(mg/L) 1% peptone 1% glucose 
10.0 6.88 + 0.72 7.2+0.68 
1.0 7.7420.55 7.120.74 
Control 6.98 + 0.52 6.61 + 1.35 





‘TTC = triphenyl tetrazolium chloride. 
‘Exposure to N or C source was 24 h before Kepone treatment; 


experiments were done in triplicate with duplicate samples; HgCl, 


control values were subtracted; mean + SD. 


Table 5. Enumeration of microbial functional groups in freshwater sediments (MPN values) 
after 3 and 7 days of exposure to Kepone. 


CE 





Concentration of Kepone® (mg/L) and sample 











Time and No./ml. = - = 
functional groups X Cc A B C A B 
0 days 
Starch hydrolyzers 10° 1.3 0.49 0.49 23.0 17.0 13.0 
Gelatin hydrolyzers 10* 1.7 7.9 3.3 2.3 2.3 2.3 
Nitrate reducers 10° 7.8 4.9 11.0 2.3 3.3 13.0 
Ammonifiers 10° 2.3 3.3 11.0 2.3 33.0 1.3 
Total heterotrophs 10* 4.9 2.3 13.0 4.9 13.0 7.8 
3 days 
Starch hydrolyzers 10° 70.0 1. 1.7 78.0 12.0 3.3 
Gelatin hyd rolv. rs 10° 4.9 3.3 2.3 49.0 4.9 4.9 
Nitrate reduc. rs 10° 7.8 11.0 4.9 49.0 33.0 330.0 
Ammonifiers 10° 4.6 7.8 23.0 23.0 78.0 390.0 
Total heterotrophs 105 2.3 0.49 1.7 7.8 1.3 4.9 
7 days 
Starch hydrolyzers 10° 7.0 5.1 2.3 490.0 170.0 230.0 
Gelatin hydrolyzers 10° 1 4.9 1.7 230.0 330.0 230.0 
Nitrate reducers 10° 0.78 1.7 0.31 33.0 3.3 3.3 
Ammonifiers 10° 3.3 11.0 78 78.0 78.0 230.0 
Total heterotrophs' 10* 1.3 1.3 0.78 13.0 3.3 3.3 








“MPN values were determined in all microcosms before Kepone treatment. 
Replicate treatment samples: A and B; C = control (0.1% acetone added to controls). 


“Grown in 1% nutrient broth. 
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Table 6. Enumeration of microbial functional groups in 
freshwater sediments* after 28 days of exposure to 
Kepone. 


Bacterial population (No./mL =x 10*) 


Treatment and _ 9 MEN vale 
concentration Total Nitrate 
img L) heterotrophs Ammonifiers reducers 
Kepone, 10.0 3.3 3.3 2.3 
Kepone, 0.1 7.9 3.3 1.7 
Acetone, 1.0 3.3 3.3 1.3 
Control 49 1.7 3.3 


“Sediment (10 g) in 90 mi. lake water incubated in darkness at 
99° C. 


» After Cochran (1950). 


teria in both treated and untreated sediments were well 
within a log difference of each other (Tables 5, 6); no ef- 
fect on bacterial ammonification, denitrification, or protein 
or starch hydrolysis was observed after either acute or 
chronic exposure periods to Kepone. In summary, these lab- 
oratory tests suggest that Kepone at concentrations of < 10 mg/L 
poses no hazard to microbial biogenic activity in fresh- 
water sediments, I found neither impairment of '*C-glu- 
cose, 'C-hexanoic acid, or '*C-amino acids [mix- 
ture] uptake, nor mineralization by freshwater micro- 
biota at similar Kepone concentrations and exposure 
periods. Although I have observed that Kepone inhibits 
Gram-negative bacteria isolated from sediments [see Orn- 
dorff and Colwell 1980b], 1 found no evidence of popula- 
tion or functional changes in microcosms.) 

Kepone significantly inhibited the biodegradation of all 
six '*C-xenobiotics tested in the freshwater-sediment micro- 
cosms (Tables 7-9). Under aerobic conditions, Kepone at 
concentrations <0.1 mg/L reduced the biodegradation of 
DBP. Dylox, and Imidan (Table 7). Inhibition by Kepone 
appeared to be dose-responsive. For example, the biodegra- 
dation of samples (as measured by '*CO, evolution), incu- 
bated for 3 days and treated with a low concentration of 
Kepone, ranged from 20% for DBP to 41% for Imidan and 
59° for Dylox. In treatments with higher concentrations 
of Kepone under similar conditions, the inhibition was con- 
comitantly greater: 97, 89, and 74 . In all tests, sediments 
tended to recover (adapt?) with time in the order DBP > Dy- 
lox > Imidan (Table 7). Sediment samples pre-exposed to 
10 mg/L Kepone for 30 days or incubated anaerobically 
(under nitrogen without pre-exposure to 10 mg/L Kepone) 
did not change the pattern of inhibition for DBP, or 
phthalate-related DEHP and phthalic acid (Tables 8, 9). 
However, Dylox biodegradation was only initially inhib- 
ited, and the effect disappeared rapidly under anaerobic 
conditions or after chronic exposure (30 days) with Kepone. 
Chlorinated eicosane showed no recovery, either in the 
30-day pre-exposure test or under anaerobic conditions; bio- 
degradation was significantly inhibited by Kepone 
(Tables 8, 9). 
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Table 7. Percent inhibition* of di-n-butyl phthalate (DBP), 
Imidan (1), and Dylox (D) in freshwater sediments 
treated with Kepone® 

Days of exposure and xenobiotic 














concentra 3 a 

thon an, See MO 
(1ag/L) DBP i! D DBP | OD ODsP |! D 
10.0 TT S98 714 4 8 3S 73 8 32 
1.0 9 Ss 76 12 BD 43 5 2 B® 
0.1 20 41 599 9 3! 3 8 8 IS 


*All values statistically significant at P < 0.05. 

>*Approximate concentration of xencbiotic with sediment: DBP. 
80 gg’ L; Imidan (1), 10 ug/L; and Dylox (D), 100 gg’ L. Triplicate 
samples with duplicate analyses. 


One might postulate a diauxic-like phenomenon with 
Kepone, but this postulation was not supported by previous 
work reported by Skaar et al. (1981), in which it was found 
that Kepone was not significantly degraded in freshwate: 


Table 8. Percent inhivition* of di-n-butyl phthalate (DBP), 
di-2-ethyl hexyl phthalate (DIL-HP), Dylox, chlorinated 
eicosane (CE) and phthalic ac d (PA) after 30-day pre- 
exposure to 10 mg/L Kepone in aerobic freshwater 

sediments, 








Incubation ———____Compound® — 
(days) DBP DEHP Dylox CE = PA 

7 86.2 853 +219 814 289.1 

14 519 «8240 +312 829 83.0 

21 0.2 75 +2992 824 275 

2k 52 473.10 0497.5) «(82.792 


*All values statistically significant at P < 0.05. 

bApproximate concentrations of '*C-xenobiotic introduced into 
sediments: DBP, 80 ag/L; DEHP, 20 pg/L: Dylox, 100 yg/L; CE, 
10 pg/L; and PA, 5 gg/L. Triplicate samples with duplicate 
analyses. 

Plus sign indicates stimulation exceeding controls. 


Table 9. Percent inhibition* of di-n-butyl phthalate (DBP), 
di-2-ethyl hexyl phthalate (DEHP), and Dylox treated 
in anaerobic freshwater sediments with 10 mg/L Kepone. 


Inoculation _Compoun 
(day) DBP DEHP Dylox 
7 51.6 75.0 31.2 
14 20.0 49.5 + 15.6 
21 9.8 41.5 +30.4 
2s 5.2 35.8 +345 


*All values statistically significant at P < 0.05. 

»Approximate concentrations of '*C-xenobiotic introduced into the 
sediments: DBP, 80 ug/L; DEHP, 20 zg/L; and Dylox, 100 pg/L. 
Triplicate samples with duplicate analyses. 

Plus sign indicates stimulation exceeding controls. 
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sediments after 56 days of incubation in either zerobic or 
anaerobic sediments. Therefore, it appears that Kepone is 
with the biodegradation of these '“C-xenobiotic chemicals. 
The inhibition in most tests appeared to be transitory in the 
sediments (except Cl-cicosane}; partial or complete recovery 
occurred over time. However, after pre-exposure to 
Kepone, the biodegradation of Dylox was significantly 
stimulated (Table 8). 

The probable impact of this phenomenon is purely specu- 
lative, but one can postulate a number of questions about 
the possible biohazard of xenobiotic-xenobiotic interactions. 
An increase in the environmental half-life (or bioavail- 
ability) of a real or potential biologically active chemical 
raises a number of acute, chronic, and bioaccumulation 
problems for each trophic level in an aquatic community. 
Fish and invertebrates could face additional hazards if the 
period of increased persistence of a xenobiotic chemical (and 
potential bioavailability) coincides with their critical life 
stages. 

Xenobiotic-xenobiotic interactions in agricultural soils 
were reporved by Atlas and Bartha (1981); some carbamate 
insecticides inhibit the degradation of acylanilide and 
phenylcarbamate herbicides. I know of no similar reports 
in aquatic environments. 

In this investigation, I found no relation between pertur- 
bation of biogenic and xenobiotic activity associated with 
sediment microbiota. Although Kepone inhibited the bio- 
degradation of the test xenobiotics, I detected no signifi- 
cant inhibition of general microbial activity. 

This study of Kepone in a freshwater microcosm empha- 
sizes a particular problem with certain testing proce- 
dures — the need to expand them beyond traditional micro- 
bial measurements to ascertain the biohazard of aquatic 
xenobiotics. Although one must be directly concerned with 
nutrient cycles simply because of their effect on produc- 
tivity of the aquatic ecosystem, one must also consider water 
quality — not only in the classical sense of the waste-water 
engineer or limnologist, but also as the aquatic toxicolo- 
gist. It seems to me that scientists must determine if aquatic 
microbiota have the ability to cleanse the environment 
where multiple interactions of potentially hazardous xeno- 
biotic chemicals occur. Aquatic microbiologists have been 
concerned with the problems of xenobiotic persistence for 
many years, but little research has been done on xenobio- 
tic interactions, «nd none from a holistic approach. Studies 
of xenobiotic-xenobiotic interactions pose many complex 
problems, in addition to the obvious ones of compound 
selection — there are so many — and the cost of testing. Care- 
ful experimental designs will be required to implement in- 
vestigations of these interactions in aquatic ecosystems. 

The Environmental Contaminant Evaluation Program 
of the U.S. Fish and Wildlife Service has emphasized a pre- 
dictive approach to the identification of potential contami- 
nant problems; its primary objective is to protect the inland 
fisheries and wildlife resources from the impact of chemi- 
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cal pollutants (Schoettger and Ludke 1980). The testing 
of microbial perturbation in fresh water is part of this 
program. 
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Estuarine Detrital and Sedimentary Microbiota! 
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Abstract 


Sedimentary microbial biomass, metabolic activity, nutritional status, and community structure were 
determined by the analysis of extractable lipids and hydrolysis products of the lipid extracted residue. 
These methods have been validated by analysis of mixtures of microbial monocultures; by comparisons 
with monocultures isolated from microbial assemblies; by scanning electron microscopic analysis of detrital 
microbial assemblies manipulated with antibiotics, nutrients, and light: and by measurements of the 
effects of grazing by selective deposit feeding invertebrates. These methods have shown that mg/L. concen- 
trations of xenobistics in fluids used in oil and gas well drilling significantly modify the biomass and 
community structure of microbial assemblies colonizing marine sand. Such methods enable estimation 
of validity of the use of microcosm test systems in predicting the impacts of xenobiotics in the field. 
These methods could greatly strengthen the legal applicability of the data for use by regulatory agencies 


in protecting estuarine ecosystems. 


In this discussion | examine the possi!) )') of determining 
the impact of xenobiotics on microbial ecosystems, using 
the three salient questions posed by the moderator: (1) Are 
there methods by which perturbations of the natural micro- 
bial ecosystems can be detected? (2) Do xenobiotics threaten 
microbial ecosystems? (3) Are there changes in microbial 
ecosystems that can be used by regulatory agencies for re- 
source management? 


Methods 


The methods used in answering these questions involve 
a biochemical analysis that is outlined in Fig. 1. Since ac- 
tual components are isolated during the analysis, prior incu- 
bation with radioactive or mass labeled isotopes can give 
indications of rates (King and White 1977; King et al. 1977). 
The analysis involves a lipid extraction, which also quan- 
titatively liberates the pool of amino acids and nucleotides 
into the water phase of the extraction. A quantitative re- 
covery of the adenosine nucleotides specifically derivatized 


'This work was supported by grant R-0806143010 from the U.S. 
Environmental Protection Agency, grant OCE 76-19671 from the 
Biological Oceanography program of the National Science Foun- 
dation, and grant 04.7-158-4406 from the National Oceanic and 
Atmospheric Administration Office of Sea Grant, Department of 


Commerce. 





with chloroacetaliehyde for detection by their fluorescence 
after separation by high pressure liquid chromatography 
was described by Davis and White (1980). The lipid phase 
components are conveniently methanolized with mild acid 
into lipid fragments that can be easily separated by thin- 
layer chromatography into lipid classes such as alkyl fatty 
acid methy! esters, hydroxy fatty acid methyl esters, fatty 
alcohols, fatty aldehydes, steroids, acyl ethers, and sphinga- 
nines. The aqueous phase resulting from the mild acid 
methanolysis contains water-soluble amines, carbohydrates, 
and amino acids derived from the lipids, as well as the gly- 
cerol, phosphate, phosphonate, and sulfate that are impor- 
tant components in the determination of the community 
structure. The residue of the lipid can then be hydrolyzed; 
the bound lipids characteristic of Gram-negative bacteria 
can be extracted; the water-soluble components can be puri- 
fied and derivatized; and muramic acid, glucosamine, and 
inositol (among others) can be assayed by gas liquid chro- 
matography. These methods have been described in detail 
in a number of publications (King and White 1977; Fazio 
et al. 1979; White et al. 19794, 1979b, 1979c; Bobbie and 
White 1980). 

The detritus and sediments can be examined by scanning 
electron microscopy to determine changes in the microbial 
morphology, or extracted with different treatments to 
recover *H-labcled DNA formed from thymidine (Tobin 
and Anthony 1978) and from poly-3-hydroxybutyric acid 
(Herron et al. 1978; Nickels et al. 1979). 
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Results and Discussion 


Methods for the Detection of Perturbation 
of Microbial Ecosystems 


The methods used to study microbial perturbations in- 
duced by xenobiotics can be swparated into two major 
groups. In the first. the more usual methods of microbial 
physiology are used in which “indicator” organisms are 
selectively recovered frau the environment and their char- 
acterist cs stadied. They can be studied as monocultures or 
as tuist ares in consortia and the responses to various envi- 
ronmental stresses carefully measured. The methods and 
results of this type of analysis were described by Heitkamp 
and Brown (1982) and Johnson (1982). In the second type 
of analysis. biochemical methods are used to determine the 
properties of the total community with all its associations 
and complexities. Four properties are currently used to de- 
sctibe the microbial communities in this work: (1) biomass 
(biomasses). (2) metabolic activities, (3) nutritional status, 
and (4) community structure. Each of these are considered 
here. 


Biomass 


The recovery of a number of components has been used 
te gain an indication of the microbial biomass. Prokaryotic 
biomass has been estimated by the muramic acid, a unique 
component of the bacterial and cvanophyte cell wall (King 
and White 1977; Moriarty 1977; Fazio et al. 1979). This 
measurement involves a lengthy purification before deriva- 
tization and assay by gas liquid chromatography (GLC). 
Glucosamine and inositol are also detected in the analysis. 
Glucosamine comes largely from the prokaryote walls, as 
the hydrolysis conditions do not affect chitin. Wall inositol 
correlates with the fungal biomass as estimated by the fatty 
acids and steroids (Bobbie and White 1980). The “viable” 
biomass can be determined by the extractable lipid phos- 
phate, which can be measured by an easy colorimetric assay 
and is a rapidly metabolized component of the microbiota 
(White et al. 1979c). Since prokaryotes contain a higher 
proportion of phospholipids than do eukaryotes (Kates 
1964), the lipid phosphate, in terms of cellular numbers. 
favors the prokaryotes. The ubiquitous fatty acid, palmitic 
acid, is a good measure of the total lipid, which includes 
the neutral lipids of the microeukarvotes plus microcukary- 
otic and bacterial phospholipids. This fatty acid can be a 
measure of the total active lipid biomass. Measurement of 
the total adenosine nucleotides, rather than of adenosine 
triphosphate (ATP), gives a better correlation with other 
measures of microbial biomass by avoiding the problems 
generated by the metabolic lability of ATP (Davis and 
White 1980). For example, in measurements of the detrital 
microbiota, the linear determination coefficient r of lipid 
phosphate was 0.74 with ATP, 0.81 with adenosine diphos- 
phate (ADP) + ATP, and 0.93 with adenosine monophos- 
phate (AMP) + ADP + ATP. 
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Metabolic Activities 


Measurements of incorporation of “H-thymidine into 
DNA. which measures the activity of salvage pathways 
found in prokaryotes but not in microeukaryotes, can be 
used as an activity measure (Tobin and Anthony 1978). 
However. the determination of specific growth rates re- 
quires knowledge of the thymidine pool and the kinetics 
of uptake (Moriarty and Pollard 1981). Lipid biosynthesis 
has proved to be a good measure of microbial activ *y 
(White et al. 1977) with “P-incorporation for total lipids 
and *S-incorporation for sulphoiipids. The ratio of **S to 
*P incorporation is increased when the proportion of the 
microcukaryotes is increased (White et al. 1980a). 
Respiratory activity measured by oxygen use. specific enzy- 
matic activities, or heterotrophic potential (release of “CO, 
from '*C-labeled precursors) can also be used (White et al. 
19794). Most of these measurements require that the sedi- 
ment be disturbed and therefore may represent potential 
activities. 


Nutritional Status 


For short-term measurements, the nutritional status has 
been shown to correlate well with the adenylate energy 
charge: energy charge = (ATP + ': ADP) | (AMP + 
ADP +ATP). Rendering the detrital or microfouling 
microbiota anacrobic decreased the energy charge rapidly 
without affecting the biomass measured as the lipid 
phosphate (Davis and White 1980). Microorganisms that 
are stressed can maintain their energy charge by decreas- 
ing the AMP to compensate for decreased ATP formation. 
Some secrete AMP of form adenosine. The measurement 
of the ratio of cell bound adenosine to ATP is a much more 
sensitive measure of the stress of gentle filtration of expo- 
nentially growing Escherichia coli than of the energy charge 
(Table 1). 

Longer term measures of the nutritional histury of a por- 
tion of the bacteria and cvanophytes that form poly-3-hy- 
droxy butyrate (PHB) can be estimated by following the in- 
creased rate of PHB synthesis and decreased rate of PHB 
degradation that is induced during unbalanced growth 
(Nickels et al. 1979). Similarly, estimates of the nutritional 
status of microeukaryotes can be gained by comparing the 
triglyceride with the phospholipid, for example. The tri- 
giveeride can be measured as the glycerol liberated by mild 
alkaline methanolysis and with derivatization and GLC 
(M. G. Gehron and D. C. White, unpublished method). 
The ratio of lipid glycerol to lipid phosphate decreases 
markedly when various microeukaryotes are starved. The 
ratio is higher in amphipods grazing estaurine detritus in 
the field than in the same species grazing for 2 weeks in 
a marine laboratory. 


Community Structure 


Analysis of the lipid extract of the sedimentary micro- 
biota has proved to be a very useful measure of commu- 
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Table 1. Adenosine derivatives* (X [+ SD in parentheses] x 10°” moles/mL for six replicates) in exponentially growing 


Source of aun 
sample Total Cellular ADP 
Culture 5.42 0.32 0.17 
(0.26) (0.14) (0.03) 
After filtration 
Cells 0.02 0.31 
0.0” (0.03) 
Medium - 5.09 001 
(0.06, 


Escherichia coli, measured fluorometrically (adapted from David and White 1980). 


Adenosine’ 


Energy - Lipid 
ATP charge Total Cellular phosphate — 
1.26 0.77 4.77 09 199 
(0.04) 0.01) (0.14) (0.06) (18) 
1.37 0.74 2.05 216 
(0.09) 01) (0.25) (2) 
0.01 4.15 io 
(0.10) 


*AMP = adenosine monophosphate; ADP = adenosine diphosphate; ATP = adenosine triphosphate. 
“Exponentially growing E. coli were sampled directly (culture; filtrate = medium; filtration = cells). 
“Cellular AMP and adenosine values minus total culture and total medium values. 


nity structure. The extraction is a relatively easy initial puri- Studies in th literature on monocultures have shown that 


fication and provides a large number of components for sub- 
sequent analysis (Fig. 1). Initial efforts in the laboratory 
at Florida State University have been concentrated on anal- 
ysis of lipid fragments, which are readily detected after the 
application of the extraordinary separative prowess of open 
tubular capillary gas chromatography. A typical chromat- 
ogram of the fatty acid methyl esters detected in marine 
sedimentary capillary GLC is shown in Fig. 2. The esters 
were identified by Bobbie and White (1980) by compar- 
ing their mobility with authentic standards on polar Silar 
10C capillaries and non-polar SE-30 liquid phases, which 
reverse the order of elution of unsaturated fatty acids with 
the homologous saturated fatty acid before and after 
catalytic hydrogenation (or deuteration), and by combined 
gas chromatography-electron impact mass spectral frag- 
mentography (GC/MS). Further use of the GC/MS makes 
it possible to measure rates of turnover of each fatty acid 
after a pulse-chase incubation with °C-i sodium acetate, 
by using the extraordinary sensitivity of the GC/MS run 
in the selective ion mode. 


certain of the fatty acids can be localized to specific por- 
tions of the microbial community. Key assignments are indi- 
cated in Table 2. 

Other lipids can be used to strengthen these assignments. 
Lipid amide-linked hydroxy fatty acids are found in species 
of Pseudomonas and Bacteroides (Tornabene and Peterson 
1978; Mayberry 1980, 1980b), whereas the species of 
Desulphovibrio contain ester-linked hydroxy fatty acids. 
Fatty aldehydes are liberated by mild acid hydrolysis from 
the plasmalogens concentrated in anaerobic bacteria — 
chiefly of the species Clostridium (Goldfine and Hagen 
1972) — or microeukaryotes. Branched sphingosines can be 
released by acid hydrolysis of Bacteroides lipids (Rizza et 
al. 1970). Monohydroxy steroids are excellent markers for 
the microeukaryotes (Goad 1976; Wassef 1977). 

The water-soluble portion of the lipid hydrolysate can 
be analyzed for glycerol and carbohydrates. The lipid galac- 
tose is particularly enriched in the digalactosy! diglyceride 
of the photosynthetic microeukaryotes (Rosenberg 1973). 
The ratio of total phospholipid to lipid galactose is an ex- 


Extraction of Lipids 








Lipid hase Aqueous phase Lipid . o- residue 
7 we Derivatization Acid-hydrolysis 
rractionated (water Bound lipid extraction 
by thin laver soluble Chromatography 
chromatography fragments) 
Deri tization 
’ ; 
Analysis Analysis 2 Analysis 3 


Gas liquid chromatography mass spectro- 
photometry, after appropriate derivatiza- 
tion (fatty acids, alcohols, and aldehydes, 
steroids, sphinganines) 


High pressure chromatography (amino 
acids, adenosine nucleotides) 


Gas liquid chromatography (muramic 
acid, glucosamine; inositol) 


Fig. 1. Analysis scheme used in the present study for extraction of lipids from sediment. 
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Fig. 2. Capillary gas chromatographic separation of fatty acid methyl esters performed with a 50-m Silar 10C column (from Bobbie 
and White 1980). (A) Analysis of a standard mixture of fatty acid methy! esters measured with the flame ionization detector at 
a sensitivity of 16 * 10'? A/mV. Peaks: 1, 11:0; 2, 12:0; 3, 13:0; 4, 14:0; 5, 14:0; 6, i15:0; 7, al5:0; 8, 15:0; 9, i16:0; 10, 16:0; 11, 
16: 1w7; 12, al7-0; 13, 1700; 14, ©. 17:0; 15, 18:0; 16, 18:19; 17, 18: lel; 18, 18:17; 19, 19:0; 20, 18:26; 21, 18:306; 22, 20:0; 
23, 18:33; 24, 20:3u6; 25, 22: 1w9; 26, 20:4w6; 27, 20:5w3; 28, 22:4w6; 29, 24:1w9; 30, 22:5w3; 31, 22:6w3. (B) Sample of marine 
sand sediment analyzed as in (A). Peaks: 1, i14:0; 2, al4:0; 3, 14:0; 4, i15:0; 5, al5:0; 6, 15:0; 7, i16:0; 8, br16:1; 9, 16:0; 10, 
br17:0; 11, 16:1w7; 12, 17:0; 13, 4 17:0; 14, 17:1; 15, 18:0; 16, 18: 1w9; 17, 18:1w7; 18, 19:0; 19, 18:206; 20, A 19:0; 21, 20:0; 
22, 20:1; 23, 22:0; 24, 22:1w9; 25, 20:5w8; 26, 24:0; 27, 22:4w6; 28, 24:1w9; 29, 22:6w3. 
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Table 2. Fatty acid indicators of microbial 
community structure.* 
Type of fatty acid 


a + i 15:0 short-branched fatty 
acids 

18:lw7 cis-vaccenic acid 

£.17:0,4.19:0 cyclopropane fatty 





Organism 
Bacteria 





acids‘ 

Cyanophytes, filamentous = 18:2w6 linoleic acid 

bacteria, fungi 

Microeukaryotes total polyenoic fatty acid (longer 

than 20 carbons) 
24:0 long chain alkyl 

Algae a -linolenic series (w3) 18:3w3, 
20:43, 20:503 

Diatoms 16:lw7, 16:21, 20:53, 20:603 


Protozoa, micrometazoa, 7 -linclenic series (w6) 20:56, 
_fotifers, nematodes, etc. _22:4w6 





“Justifications for these designations were reported by Bobbie and 
White (1980). 

>Synthesized by anaerobic bacterial pathway. 

“Accumulated in stressed bacteria. 


cellent measure of photosynthetic activities. 

The verification of this methodology is essential if these 
methods are to be applied to environmental microbial 
assemblies. 

Analysis of mixtures of known microbial monocultures 
should give straight-line recovery proportions if the methods 
are reliable — and they do (Bobbie and White 1980; White 
et al. 1980a). 

Manipulation of the detrital microbiota by antibiotics — 
the concentration of nutrients and pH into a fungus 
“heaven” and “hell” (bacterial heaven) — yields microbial 
assemblies with the expected morphology by scanning elec- 
tron microscopy and the expected fatty acid, steroid, lipid 
carbohydrate, and amine compositions (White et al. 1980a). 
Similarly, an experiment where light and dark were the 
only variables produced a sheet of diatoms in the light and 
mats of bacteria in the dark with the expected scanning elec- 
tron morphology and lipid composition (Nickels et al. 1981). 

In a third type of validation, the selective predation of 
sand dollars (Mellita quinquiesperforata) on the foramini- 
feral component of the sandy sediment is used to show the 
shift in the lipid composition expected by removal of these 
non-photosynthetic microeukaryotes (White et al. 1980). 

A fourth type of validation of this type of analysis rests 
in the analysis of particular microbial components isolated 
from the sediment and grown in monoculture. Assuming 
that no great shift in lipid composition occurs during the 
selective isolation and subsequent monocultural growth, the 
assignments of sources for components in the lipid mixture 
can be made (Johns and Perry 1977; Volkman and Johns 
1977; Johns et al. 1979; Perry et al. 1979; White et al. 
1980a). 


Table 3. Do xenobiotics threaten microbial ecosystems? An 
example of effects in a marine sand community after 
8 weeks in a flowing seawater system.* 





Control vs. 








Item Surflo Aldacide Dowicide 
Biomass ! 1 = 
Lipid phosphate, 
adenosine nucleotides, 16:0 
Community structure 
Prokaryotes 
18: lw7 ! = 1 
Microeukaryotes 
Polyenoic > 20 1 j = 
24:0 = ii = 
Polyenoic w6/w3 jb =¢ =4 








@Single and double arrows indicate statistical significance (increase 
or decrease) between the treatment means at the 0.05 (single 
arrow) and 9.01 (double arrows) levels by analysis of variance: 
(=) indicates no change. 

64 wg/L 25% dichlorophenol. 

1.0 pg/L 90% paraformaldehyde. 

4100 ug/L pentachlorophenol. 


Do Xenobiotics Threaten Microbial Ecosystems? 


Use of the methods described enabled the demonstration 
of significant changes in microbial biomass and community 
structures in marine sandy sediments exposed to wg/L levels 
in oil and gas well-drilling fluids in run. ing seawater, after 
an 8-week exposure (Table 3). Experiments like these show 
the potentialities for determining changes in the microbial 
ecosystem caused by xenobiotics. 


How Are These Changes in Model Microbial 
Ecosystems Related to the “Real” World? Can the 
Data be Used by Regulatory Agencies for 
Environmental Management? 


If evidence of impact on microbial ecosystems is to be 
useful in regulatory decision making, the applicability of 
laboratory data to the real world must be established. This 
is important from both a legal and ecological viewpoint. 

An example of a study in which such applicability was 
tested is a system set up under the coordination of 
N. L. Richards of the Gulf Breeze, Florida, laboratory of 
the U.S. Environmental Protection Agency, to assay the 
effects of oil and gas well-drilling fluids on marine ecosys- 
tems. In these experiments the biomass and community 
structure of the sedimentary microbiota that colonize on 
sun-bleached marine sands in 8 weeks with unfiltered sea- 
water flowing at 200 mL/min was compared with similarly 
treated sand in trays incubated at a depth of 31.7 m and 
actual benthic cores taken near the site of sand recovery. 
A significantly decreased microbial biomass that was meas- 
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ured as the lipid phosphate and adenosine nucleotides in 
the disturbed sands was most pronounced in the flowing 
seawater system (Table 4). Community structure differences 
in the ratio of bacteria containing the short branched fatty 
acids and the cyclopropane fatty acids were apparent, as 
were shifts in the microeukaryotes where the proportions 
of protozoa and microanimal metazoa measured as the 
7 linolenic (w 6) series of polyenoic fatty acids were de- 
pressed. Clearly, 8 weeks of incubation of disturbed sea-bot- 
tom sand did not allow a typical benthic microbial com- 
munity to form; thus a comparison of effects of xenobio- 
tics in the laboratory under the test conditions would not 
necessarily be directly applicable to the field. 

A second consideration in assuring the validity of the lab- 
oratory models of xenobiotic impacts on microbial ecosys- 
tems is to account for predation and bioturbation of graz- 
ing animals on the microbiota. Morrison and White (1980) 
showed that amphipod grazing increased detrital micro- 
bial biomass measured as the extractable adenosine nucleo- 
tides and lipid phosphate, and activity measured in terms 
of the rate of oxygen use, poly-8-hydroxybutyrate or phos- 
pholipid synthesis, and release of '*CO, from prelabeled 
microbiota. Grazing shifted the microbial community struc- 
ture from mixed to largely bacterial. In sandy marine sedi- 
ments, sand dollar predation in both the laboratory and 
the field decreased the non-photosynthetic microeukaryotes, 
but had essentially no effect on the biomass or activity of 
the sedimentary prokaryotes, or diatoms (Findlay and 
White 1980). 


Conclusions 


Methods are available or are in the process of develop- 
ment for the estimation of the biomass, metabolic activity, 
nutritional status, and community structure of microbial 
communities in the laboratory or in the field. 

Use of these methods makes it possible to show that pg/L 
levels of oil and gas well-drilling fluid additives can sig- 
nificantly affect the biomass and community structure of 
colonizing sedimentary marine microbiota. Validation of 
laboratory simulations, showing impacts of xenobiotic addi- 
tions on microbial ecosystems by demonstrating similar im- 
pacts on the real world, are essential for the development 
of sound legal and environmental decisions. A particularly 
important consideration is the effect of bioturbation and 
predation by animals on the microbiota. 

Methodology that is nonselective and preserves the essen- 
tial community interaction for analysis can give regulatory 
agencies the critical information they need for the prudent 
management of aquatic resources. 
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Table 4. Validation of microcosm. An example of effects 
in marine sand community after 8 weexs in a flowing 
seawater system .* 








Marine sediment vs. 
microcosm in air-dried sand 








Incubated Incubated 
Item on bottom on surface 
Biomass i ij 
Adenosine nucleotides 
Lipid phosphate 
Community structure 
Prokaryotes 
a + i 15:0 j is 
-. 17:0, 19:0 ! 1"! 
18: lw7 i ij 
Microeukaryotes 
Total polyenoics > 20 \ i 
Polyenoic 6/03 i i 
20:5, 22:63 = 





“Single and double arrows indicate statistical significance (increase 
or decrease) between the treatment means at the 0.05 (single 
arrow) and 0.01 (double arrows) levels by analysis of variance. 
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Abstract 


Paraquat (1,1"-dimethyl-4,4"-bipyridylium ion), a non-selective contact defoliant and herbicide is toxic 
to various organisms, including man. Oxygen radicals are reportedly generated in tissues by paraquat; 
thus there is a potential link between the mechanisms of poisoning by paraquat and hyperbaric oxygen. 
We undertook a study of specific sites of paraquat toxicity, using bacteria and rats. Specific amino acids 
and niacin partly protected Escherichia coli from the bacteriostatic effects of lmM paraquat. The amino 
acids appeared to protect the bacteria because aerobic paraquat poisons the same pathways of amino 
acid biosy wileses pres ously found to be sensitive to hyperbaric oxygen. Specifically, dihydroxyacid dehy- 
dratase, which is required for branch-chain amino acid biosynthesis, was poisoned in cells exposed to 
paraquat. Niacin further protected E. coli against growth inhibition and specifically against the decrease 
in nicotinic acid adenine dinucleotide (NAD) that otherwise occurred. NAD was decreased because 
paraquat apparently poisoned the same enzyme (quinolinate phosphoribosyl transferase) that was 
previously reported to be poisoned by hyperbaric oxygen. Niacin gave significant protection to rats injected 
with lethal amounts of paraquat; the time to LT50 was increased from 60 to 115 h, and the percentage 
of animals surviving for | week was increased from 20 to 45 in a study with four groups of 25 animals each. 


The herbicidal properties of paraquat (1,1'-di- 
methyl-4,4'-bipyridylium ion) were discovered at Imperial 
Chemical Industries Jealott’s Hill Research Station in 
England in 1955 (Riley and Wilkinson 1976). Paraquat is 
now used commercially worldwide and is licensed to be sold 
in the United States by the Chevron Chemical Company. 
From 1975 to 1978, 19.3 million pounds of paraquat were 
imported and marketed under such names as gramoxone, 
weedol, and methyl viologen. Paraquat is applied as a 
dichloride or bis (methyl! sulphate) salt and is registered for 
defoliation, desiccation, and weed control in many crop 
and noncrop areas, as well as for chemical seed bed prepara- 
tion (Chevron Chemical Company 1977). 

Paraquat undergoes rapid, complete, and permanent ad- 
sorption onto most soils (for a review, see Calderbank 1968). 
Thus, paraquat that reaches the soil in normal application 
practices rapidly becomes biologically unavailable (Riley 
and Wilkinson 1976). 

Paraquat is toxic to the photosynthetic apparatus of green 
plants. It undergoes photochemical reductir a in plants to 
form a free radical. This radical is reoxidized by at- 


mospheric oxygen to regenerate paraquat and liberate short- 
lived, active oxygen radicals in the plant (Calderbank 1968). 
These radicals are believed to inferfere with electron trans- 
port within the photosynthetic membrane system (Boger 
and Kunert 1978). 

At normal application levels, paraquat causes no signifi- 
cant decreases or shifts in soil microorganism populations 
(Grossbard and Davies 1976). However, it has been found 
io inhibit important microbial activities in soil (Smith and 
Mayfield 1977), such as nitrification, nitrogenase activity, 
and decomposition of glucose and cellulose. The inhibiting 
effects of paraquat on these microbial activities were re- 
duced when organic matter (increased adsorption sites) was 
mixed into the soils. Although paraquat is readily biode- 
graded by pure cultures of soil isolates (Menzie 1974), its 
rapid adsorption and consequent biological unavailability 
(Riley and Wilkinson 1976) make it recalcitrant to biode- 
gradation in most soils. 

Laboratory testing has shown paraquat to be toxic to 
aquatic organisms (Crosby and Tucker 1966; Pimental 1971) 
and fish (Johnson and Finley 1980). The compound is 
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Table 1. Acute toxicity of orally administered paraquat 





to mammals. a 
LD50 
paraquat 
cation 
Species (mg/kg) Reference 
Rat 
Sherman 
Male 100 Kimbrough and Gaines 1970 
Female 110 
Sprague-Dawley 115 Sharp et al. 1972 
Wistar 150 Clark et al. 1966 
Guinea Pig 30 Clark et al. 1966; Fletcher 1974 
Cat 35 Clark et al. 1966; Fletcher 1974 
Dog 25-50 Fletcher 1974 
Sheep 65 Fletcher 1974 
Cow 35-60 Fletcher 1974 
Monkey 50 Murray and Gibson 1972 


rapidly absorbed by foliage and is very resistant to removal 
or translocation by rain. These properties, as well as its 
adsorptive properties in soil and lack of widespread use as 
an aquatic herbicide, account for its rare occurrence as a 
significant contaminant of agricultural runoff and aquatic 
systems. Therefore, paraquat rarely constitutes a major en- 
vironmental hazard. 

Paraquat is very toxic to mammals (Table 1), including 
humans. In humans, paraquat has caused death as the result 
of ingestion of the concentrate sold to agricultural users 
(Rose and Smith 1977a, 1977b) and over 400 human deaths 
have been reported fron: paraquat poisoning (Rhodes and 
Patterson 1977). 

Previous research revealed similarities in toxic sites for 
hyperbaric oxygen and for paraquat that involved amino 
acid biosynthesis (Boehme et al. 1976; Brown and Yein 
1978: Fee et al. 1979, 1980). Recently Brown et al. (1979) 
and Brown and Song (1980) showed that hyperbaric oxy- 
gen poisoned the biosynthesis of the nicotinic acid adenine 
dinucleotide (NAD). Therefore, the research reported here 
was undertaken to determine if paraquat also poisons NAD 
biosynthesis. 


Materials and Methods 


Cultures of Escherichia coli, strain K-12, obtained from 
the E. coli Genetic Stock Center, Yale University School 
of Medicine, New Haven, Connecticut (Bachman 1972), 
were grown at 37° C in minimal basal salts (MBS)-glucose 
medium containing (in g/L): NH,Cl, 2.0; KH,PO,, 6.8; 
K,HPO,, 8.7; MgSO,*7H,0, 0.05, FeSO,*7H,0, 0.005; 
and glucose, 5.0 (Brunker and Brown 1971). The pH was 
adjusted to 7.0 with NaOH. 

Where indicated, MBS-glucose medium was supple- 
mented with amino acids that were dissolved in distilled 
water, adjusted for pH, and sterilized by filtration. The 


pH was adjusted (with NaOH) to 6.5-7.5 for asparagine, 
isoleucine, leucine, methionine, threonine, alanine, 
arginine, aspartic acid, gltamine, glutamic acid, glycine, 
histidine, lysine, proline, serine, valine, and cysteine; and 
to 2.5-3.5 (with HCl) for nhenylalanine, tryptophan, and 
tyrosine. All amine acids were supplemented into the 
medium at a final concentration of 0.65 mM. Some media 
were supplemented with guinolinate, niacin, and thiamine 
at final concentrations of 0.1, 0.2, and 0.1 mM, respec- 
ively. These compounds were sterilized by filtration. 

Cell growth was monitored by changes in absorbance at 
500 nm, as measured with a Gilford spectrophotometer. 
All samples were appropriately diluted to give readings be- 
tween 0.2 and 0.8 unit of absorbance, the range shown to 
provide a linear relation between absorbance and plate 
colony counts (Boehme et al. 1976). 

Cultures of E. coli, grown in MBS-glucose medium 
(37° C) or in this medium supplemented with 20 amino 
acids, or with 20 amino acids and vitamins, were sub- 
divided into four 5-mL aliquots and incubated to 
exponential growth at an absorbance of approximately 2.0 
at 500 nm, and then exposed to paraquat. 

Paraquat (methyl viologen), obtained from Sigma 
Chemical Company, St. Louis, Missouri, was dissolved in 
0.05 M, pH 7.8 tris(hydroxymethyl)aminomethane hydro- 
chloride (tris buffer) to a final concentration of 1 M. The 
1 M paraquat solution was introduced into the medium in 
appropriate volumes to give concentrations of 1.0, 0.5, 0.25, 
and 0.1 mM. The cultures were magnetically mixed to 
maintain aerobiosis and the growth rates were monitored 
by measuring absorbance at 500 nm or by plate colony 
counts at intervals during exposure to paraquat. 

All cultures for coenzyme deterr. inations were grown in 
MBS-glucose medium supplemented with 20 amino acids 
and thiamine. The cultures were incubated to exponential 
growth at an absorbance of approximately 0.4 at 500 nm. 
Paraquat was introduced into the medium (controls re- 
ceived tris buffer) at a final concentration of 1 mM. Cell 
growth was monitored and we harvested the cells after 4 h 
of exposure, and quantified both oxidized NAD and reduced 
NAD (NADH). Controls were grown both with and with- 
out niacin supplementation. Cultures receiving paraquat 
were grown without niacin supplementation, with niacin 
supplementation, and with quinolinate substituted for 
niacin. Coenzyme determinations were in triplicate and the 
experiments were duplicated (n = 6). 

Cultures of E. coli were harvested by differential pressure 
(vacuum) through a cooling coil, which reduced the 
temperature from 37° to 4° C within less than | min. Cells 
were obtained by centrifugation at 12,000 « g (4° C) for 
5 min. The NAD was extracted from 1.5 g wet weight of 
cells with 4.5 mL of perchloric acid, which selectively 
destroved the NADH. Cells were extracted for 5 min at 
room temperature (about 25° C) and then centrifuged at 
39,000 «x g (4° C) for 5 min. The supernatant was adjusted 
to pH 7.2-7.4 with a measured volume of 1 M K,HPO, 
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(0.2 mL’ mL extract) and 1 N KOH (0.5 mL/mL extract). 
The supernatant was centrifuged at 39,000 x g (4° C) for 
5 min, placed on ice, and immediately assayed (Klingen- 
berg 1963). 

The NADH was extracted from 1.5 g wet weight of cells 
with 4.5 mL of 0.5 N alcoholic-KOH, which selectively de- 
stroved NAD. Cells were extracted for 5 min at room tem- 
perature and the extract was adjusted to pH 7.8 with a 
measured volume (0.8 mL/mL extract) of triethanola- 
mine-HCL-phosphate mixture (0.5 M triethanolamine, 0.1 
M K,HPO,. 0.4 M KH,PO,). The extract was allowed to 
stand at room temperature for 15-20 min to allow for floc- 
culation of protein. Extract supernatant was then centri- 
fuged at 39.000 « g (4° C) for 5 min, placed on ice, and 
immediately assayed (Klingenberg 1963). 

Coenzyme concentrations were determined by a sensitive 
polarographic recycling method (Pinder et al. 1971). 
Coenzyme assays were made as follows: To the chamber 
of an oxygen electrode (Yellow Springs Instrument Co. 
Inc.) were added 1.5 mL of 0.25 M glycylglycine buffer 
(pH 9.0), 0.15 mL of 100% ethanol, 0.15 mL of 0.001 M 
ethylenediamine-tetra-acetzte, 1.0 mL of extract or water 
blank or standard, and 0.15 mL of phenazine methosul- 
fate (0.002 g mL). The reagents were allowed to equilibrate 
at 37 C in a constant temperature water bath and were 
magnetically stirred to insure oxygen saturation. The reac- 
tion chamber was then sealed with the oxygen electrode 
to exclude the atmosphere, and the oxygen concentration 
was monitored unti! a steady base line was achieved. Alco- 
hol dehydrogenase (0.050 mL. containing 0.45 mg protein) 
was injected into the reaction chamber (total volume, 
3.00 mL.) and the percent oxygen uptake per minute was 
recorded. 

All extracts (sampled in triplicate) were appropriately 
diluted to the range of linear response (0.5-5 pg, coenzyme) 
as determined from NAD and NADH standards. In addi- 
tion, since small amounts of paraquat potentially were pres- 
ent in extracts of cells poisoned by the compound, para- 
quat was added directly to standards. Even at 1 mM, there 
was no effect on the response of NAD and NADH to cycling 
in the coupled reactions. 

Cell-free enzyme extracts for the acetolactate synthetase 
and dihydroxy acid dehydratase assays were prepared as fol- 
lows: Paraquat, at a final concentration of 1 mM, was 
added to exponentially growing cultures at 37° C. An equal 
volume of tris(hydroxymethyl)aminomethane hydrochlo- 
ride, 0.05 M, pH 7.8, which was used to dissolve the para- 
quat, was added to control cultures. After 40 min, chlor- 
amphenicol was added at a final concentration of 150 
ag ml. both to the cultures exposed to paraquat and to the 
control cultures. The cultures (500 mL) were immediately 
poured over cracked ice. The cells were collected by cen- 
trifugation at 10.000 « g at 4° C for 10 min and washed 
with 100 mL. of ice-cold tris buffer, 0.05 M, pH 7.8, con- 
taining 150 mg ml. of chloramphenicol. The cells were 
resuspended (3 mL of tris buffer per 0.7 g of packed cells) 


and were disrupted by sonication for a total of 3 min at 
90% of maximum power with a Bronwill Biosonic probe, 
operated for 30-s intervals with intermittent cooling to in- 
sure that the temperature, as measured with a thermistor 
probe, did not rise above 4° C. The extracts were centri- 
fuged at 18,000 x g for 20 min at 4° C and the superna- 
tants were kept at 0° C until assayed. Because enzymes 
rapidly lose activity on storage, all extracts from control 
and paraquat-treated cells that were compared had been 
treated identicaily. 

Acetolactate synthetase (EC 4.1.3.18) was assayed as de- 
scribed by Desai and Polglase (1956), and dihydroxyacid 
dehydratase (EC 4.2, 1.9) as described by Meyers (1961). 
Assays were done at two concentrations of protein to insure 
that the activities reported were proportional to the amount 
of protein. The following substances were measured by pub- 
lished procedures: acetoin (Westerfeld 1945), ketoacids 
(Friedemann and Haugen 1943), and protein (Hartree 
1972). To synthesize a-acetolactate, we used the technique 
described by Krampitz (1948). 

Male Sprague-Dawley rats, 11-43 days old and weigh- 
ing about 200 g, were used. We tested 25 animals in each 
of four groups. Group I was a control and received no para- 
quat or vitamins; group II received two injections, 24 h 
apart, of 30 mg/kg body weight (total 60 mg/kg) of para- 
quat; group III received the same treatment with paraquat, 
but also received a daily injection of 500 mg/kg of niacin; 
and group IV received the same paraquat and niacin treat- 
ment but also received a daily injection of 100 mg/kg of 
thiamine. All paraquat and vitamins were dissolved in 
filter-sterilized water at pH 7.0. All injections were intra- 
peritoneal; vitamin injections were continued daily for 
5 days. The rats had unrestrained access to food and water 
and were weighed at intervals and observed for survival. 

Student's ¢ test (two-tailed) was used to determine 
whether differences between samples were statistically sig- 
nificant. Observed differences within experiments were re- 
ported to be statistically significant if the probability that 
the value observed was higher or lower than the control 
value equaled or exceeded 95% . 


Results 


A dose-response relation between paraquat concentra- 
tion and cell growth during exposure was observed (Fig. 1). 
Exposure to paraquat at 1.0 mM produced complete, in- 
stantaneous inhibition of cell growth (Fig. 1) with no sig- 
nificant change (P < 0.01) in biomass, as determined by 
absorbance, during the 80-min monitoring period. 

Colony forming units (CFU) per absorbance unit 
(500 am) increased during each interval | ctween samples; 
the increase was large (28% ) during the first 25 min of ex- 
posure (Table 2), but was only 4% during the subsequent 
25 and 3 min. The number of CEU's per absorbance unit 
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Fig. 1. Dose-response curves of paraquat concentration on 
Escherichia coli growth rates. Cells in growth were 
exposed to paraquat as indicated by the broken vertical line. 


at each sampling interval was significantly higher (P < 0.05) 
than that of controls. 


Cultures of E. coli grown and exposed to 1 mM para- 
quat in MBS-glucose medium supplemented with 20 amino 
acids (each at 0.65 mM), showed increased growth rates 
compared with growth in the same medium without the 
20 amino acids (Table 3). The growth rate of cultures ex- 
posed to | mM paraquat and grown in MBS-glucose 
medium supplemented with 20 amino acids was not signifi- 
cantly changed when the concentration of the amino acids 
was increased from 0.65 to 1.30 (Table 3). 

Dihydroxyacid dehydratase, but not acetolactate synthe- 
tase, of branched-chain amino acids biosynthesis was sig- 
nificantly reduced in specific activity during paraquat poi- 
soning of E. coli (Table 4). 

In cultures of E. coli grown in medium supplemented 
with niacin, cell growth rates during the first and second 
hours of exposure to 1 mM paraquat were similar to those 
of cultures grown without niacin supplementation (Table 5). 
However, growth rates of cells in niacin-supplemented 
cultures were 10% greater during the third hour and 40% 
greater dusing the fourth hour of exposure to | mM para- 
quat, than the rates in similar cultures grown without niacin 
supplementation. 

In cultures of E. coli exposed to 1 mM paraquat and 
grown in medium supplemented with 0.1 mM thiamine or 
quinolinic acid, cell growth rates over the 4-h monitoring 
period were greater than those in nonsupplemented cul- 
tures. However, the increased cell growth rates and the total 
cell mass observed were significantly less for the cultures 
supplemented with thiamine or quinolinic acid than for the 
cultures supplemented with niacin (Table 5). 

Cellular NAD levels decreased 75% during the first hour 
of exposure of E. coli to 1 mM paraquat in MBS-glucose 
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Table 2. Effects of paraquat exposure on colony forming 
units and cell mass of Escherichia coli. 








Absorb- 

Treatment* and ance Colony forming units x 10° 
exposure (min) (500 nm) per absorbance unit 
Control 2.05 3.5820.41 
Paraquat 

35 2.18 4.58 +0.48° 

SO 2.14 4.76 +0.57° 

80 2.05 4.9520.31° 





*Cells in exponential growth were exposed in MBS- glucose medium 
at 37° C. 

»Values reported are the mean + SD for 10 replicate plates at each 
sampling time. Asterisk indicates significant difference from 
control (Student's ¢ test, P < 0.05). 


Table 3. Effects of amino acid supplementation on 
generation time of Escherichia coli exposed to paraquat.* 











Arse 
Paraquat vale Hours per generation during 
concentra- concentra- —— f 
tion (mM) tion (mM)> GIh 1-2h 2-3h 3-4h 
1.0 0.0 NG NG NG NG 
0.0 0.65 0.306 0.65% 0.590 e 
1.0 0.65 0.92° 2.05" 3.10° 6.22° 
1.0 1.30 0.608" 2.)0° 2.96° 6.46° 





of paraquat. NG indicates no growth and asterisks denote statis- 
tically significant differences from controls (Student's t test, P < 
0.05). 

*Growth medium was supplemented with asparagine, isoleucine, 
leucine, methionine, threonine, alanine, arginine, aspartic acid, 
glutamine, glutamic acid, glycine, histidine, lysine, proline, 
serine, valine, and cysteine each at the indicated concentration. 

°Control cultures in exponential growth were harvested for coen- 
zyme determinations before growth-limiting high cellular densities 
were obtained during the fourth hour of incubation. 


Table 4. Inhibition by paraquat of dihydroxyacid dehydra- 











No. of No. of 
Enzyme Unitsimg assays Units/mg — assays 
Acetolactate 
synthetase 0.42320.061 5 0.46420008 2 
Dihydroxyacid 
deh ydratase 1.2420.11 10 0.462004 10 


“The standard units of activity are as follows: acetolactate synthe- 
tase, amoles of acetolactate produced per hour, dihydroxyacid 
dehydratase, wmoles of a-ketoisovalerate produced per 15 min. 
Averages (4 SD) are shown for the indicated number of assays. 
Cell extracts were prepared as described in the test. 

Significant difference at P < 0.01 from the value for cells not 
treated with paraquat (Student's ¢ test). 
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Table 5. Effects of supplementation with niacin, thiamine, 
and quinolinate on generation time of Escherichia coli 
_ exposed to paraquat.* 





Hours per generation during 








Paraquat ‘ : 
concentration § Supple- succemive periods? 
(mM) mentation O-lh 1-2h 2-3h 3-4h 
0.0 None 0.306 0.653 0.590 c 
0.0 Niacin 0.363 0.441 0.562 ad 
1.0 None 0.602° 2.05° 3.10° 6.22° 
1.0 Niacin. 0.592 2.12 2.79°° 3.73°° 
1.0 Quinolinate 0.852 1.62 2.36°° 5.10 
1.0 Thiamine 0.635 202 3.84 4.67 





“Cells in exponential growth at 37° C were exposed in minimal basal 
salts and glucose and 20 amino acids (0.65 mM) containing the 
indicated concentration of paraquat. Control cultures in exponen- 
tial growth were harvested for coenzyme determinations before 
growth-limiting high cellular densities were obtained during the 
fourth hour of incubation. Single asterisks indicate significant 
difference from control, and paired asterisks indicate significant 
differences from paraquat-exposed cultures receiving no vitamin 
supplementation (Student's t test, P < 0.05). 

‘Final .ncentration, 0.2 mM for niacin and 0.1 mM for quinoli- 
nate and for thiamine. 

©Control cultures in exponential growth were harvested for coen- 
zyme determinations before growth-limiting high cellular den- 
sities were obtained during the fourth hour of incubation. 


medium supplemented with 20 amino acids (each at 
0.65 mM) and 0.1 mM thiamine (Fig. 2). NAD continued 
to decrease slightly during the second, third, and fourth 
hours of exposure. Generation times increased by 57 and 
97% during the first and second hours of exposure and by 
353 and 510% during the third and fourth hours. 

In cultures of E. coli grown in medium without niacin 
or quinolinate and exposed to 1 mM paraquat for 4 b, co- 
enzyme concentrations decreased significantly (P < 0.01) — 
85% for NAD and 68% for NADH — when compared with 
control cultures grown on similar medium without 
paraquat (Fig. 3). The cellular ratio of NAD: NADH was 
1.59 in control cultures and 0.73 in paraquat-exposed cul- 
tures (Fig. 3). 

In E. coli cultures grown in medium supplemented with 
niacin (0.2 mM) and exposed to 1 mM paraquat for 4 h, 
cellular NAD and NADH concentrations did not decrease 
significantly when compared with control cultures grown 
in niacin-supplemented medium without paraquat (Fig. 3). 
In cultures grown in niacin-supplemented medium, the 
ratio of cellular NAD: NADH was 1.15 in controls and 1.00 
in paraquat-exposed cultures (Fig. 3). 

In E. coli cultures grown in medium supplemented with 
quinolinate (0.1 mM) and exposed to 1 mM paraquat for 
4 h, coenzyme concentrations decreased significantly (P < 
0.01)—70% for NAD and 80% for NADH — when com- 
pared with cultures grown in niacin-supplemented medium 
and exposed to paraquat (Fig. 3). Cultures grown in 
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Fig. 2. Relation between cellular NAD concentration and genera- 
tion time of Escherichia coli exposed to paraquat. 


medium supplemented with quinolinate and exposed to 
paraquat had a cellular NAD: NADH ratio of 1.56 (Fig. 3). 

Survival differed between rats exposed onl) ‘0 paraquat 
and those exposed to paraquat and also given daily niacin 
injections (Fig. 4). Rats exposed to paraquat alone lost 
weight, and mortality began occurring after about 30 h; 
most were inactive and showed respiratory distress, con- 
vulsive breathing, and a bluish discoloration of the extremi- 
ties before death. Paraquat-treated rats that received daily 
injections of niacin or of niacin plus thiamine for 120 h 
(5 days) after exposure showed significantly less mortality 
(P < 0.05), although those that died also were sluggish and 
showed bluish discoloration of extremities before death. Sur- 
vival of rats that received supplemental niacin or niacin 
plus thiamine was higher after 168 h (1 week). No further 
deaths occurred after the sixth day, and all survivors gained 
weight and appeared to be recovering 10 days after expo- 
sure to paraquat. 


Discussion 


Paraquat at | mM caused abrupt inhibition of growth 
but was not lethal (Fig. 1, Table 2). The observed increases 
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Fig. 3. Decreases of cellular NAD and NADH concentration in 
Escherichia coli exposed to paraquat. 


in CFU’s per unit of cell mass in E. coli exposed to 1 mM 
paraquat (Table 2) probably occurred because, at any given 
time, some cells had completed tic | osynthetic processes 
necessary for division and were able to divide, despite ex- 
posure to paraquat. However, these cell. were then incapa- 
ble of further growth, due to the toxicity of paraquat. This 
cessation of growth would resuli in a significant increase 
in CFU’s per unit of cell mass, but no significant increase 
in total cell mass. 

Previous research has shown that specific enzymes in the 
amino acid biosynthetic pathways are poisoned by hyper- 
baric oxygen (for a review, see Brown 1979). Supplemen- 
tation of growth medium with specific amino acids and 
selected intermediates in their biosynthetic pathways allows 
E. coli cells exposed to hyyeroxia to continue growing for 
about | h (Boehme et al. 1976). More recently, dihydroxy- 
acid dehydratase was reported as the specific enzymatic site 
of poisoning in the biosynthetic pathway of the branched- 
chain amino acids by hyperbaric oxygen (Brown and Yein 
1978). The protective value, during oxygen poisoning of 
E. coli, of other amino acids and of specific intermediates 
for their biosynthesis (Boehme et al. 1976), indicates that 
other enzymes required for amino acid biosynthesis are also 
poisoned by hyperoxia. The lack of these amino acids would 
restrict protein synthesis and lead to unloaded tRNAs, 
which are known to trigger the stringent response in E. coli 
(Cashel 1975). Seither (1979) reported that hyperoxia in- 
duced stringency in E. coli and concluded that, in 
hyperoxia, amino acids may become limiting to protein syn- 
thesis in less than | min. Inasmuch as paraquat is believed 
to be toxic because it leads to the production of superoxide 
anions and other oxygen radicals, it appeared that it might 
also be toxic to amino acid biosynthesis. The evidence that 
E. coli control cultures poisoned by paraquat were able to 
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Fig. 4. Effect of supplementation with niacin and thiamine on sur- 
vival of rats exposed to paraquat (from Brown et al., 1981). 


grow more rapidly in medium supplemented with amino 
acids (Table 3) supported this thesis. The observed 
inhibition of dihydroxyacid dehydratase (Table 4) in para- 
quat-poisoned E. coli further substantiated this mechanism, 
specifically for the branched-chain amino acids. Thus it 
appears that indirect inhibition of protein synthesis in a 
medium deficient in specific amino acids, and subsequent 
induction of stringency, are important mechanisms of para- 
quat poisoning for E. coli. 

Niacin had no significant effect on the growth rates of 
E. coli cells during the first 2 h of exposure to 1 mM 
paraquat. However, the increased cell growth rates of 
E. coli cultures during the third and fourth hours of expo- 
sure to paraquat in niacin-supplemented medium (Table 5) 
indicated that this vitamin may be depleted during growth 
in paraquat. Niacin can be used directly, by way of the 
pyridine nucleotide cycle, for the biosynthesis of NAD. Nia- 
cin protected cells against the paraquat-induced decline in 
NAD (Table 3). Quinolinate enters the pyridine nucleotide 
biosynthetic pathway directly before niacin, as a substrate 
for quinolinate phosphoribosyl transferase. Cultures of 
E. coli exposed to 1 mM paraquat, and grown in medium 
supplemented with quinolinate, showed slightly increased 
cell growth rates during the third and fourth hours of ex- 
posure when compared with nonsupplemented cultures. 
However, when compared with paraquat-exposed cultures 
supplemented with niacin, the cell growth rates and total 
cell mass of the cultures were significantly less (P < 0.05). 

Cultural growth rate was affected little during the first 
hour of paraquat exposure, even though there was a 75% 
decrease in NAD concentration (Fig. 2). This minor effect 
indicates that cellular growth can be maintained over a 
wide range of cellular NAD concentrations. As cellular 
NAD levels continued to decrease, possibly to the point of 
becoming limiting during the second, third, and fourth 


hours of exposure, generation time significantly increased 
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(P < 0.01), denoting slower cell growth. However, these 
observed decreases in growth rates ..annot be attributed en- 
tirely to diminishing NAD coenzyme concentrations. Para- 
quat poisoning, like oxygen poisoning, is complex and 
probably involves a number of enzymatic sites and path- 
ways. Since this biologically essential coenzyme (NAD) is 
consumed in the cell and has a short half-life, the decreased 
NAD levels during the third and fourth hours of exposure 
may become increasingly limiting to various cellular pro- 
cesses that are dependent on its presence. 

The observed decrease in NAD: NADH ratio during para- 
quat poisoning was also a new finding from this research. 
NAD, the oxidized form of the coenzyme, is the direct pro- 
duct of the Preiss-Handler pathway (Preiss and Hand- 
ler 1958). If the pathway is poisoned by paraquat, the cellu- 
lar NAD concentration should be the most directly affected 
and would result in a decreased NAD: NADH ratio, as we 
observed. These decreased levels could have a limiting effect 
on the known functions of NAD in the electron transport 
system of the cell. This observed shift of the NAD: NADH 
ratio toward a more reduced state in the presence of para- 
quat is similar to the shifts in NAD: NADH ratios previously 
reported to occur in the presence of hyperbaric oxygen 
(Brown and Song 1980). 

Cultures of E. coli grown in medium supplemented with 
niacin showed no significant decreases in cellular NAD and 
NADH, and showed a cellular NAD:NADH ratio similar 
to that observed for control cultures in the presence of 
niacin. These data indicate that niacin, but not quinolinate 
(both intermediates in NAD biosynthesis), preserved the 
normal NAD:NADH ratio and protected against decreases 
in total NAD and NADH in E. coli cultures exposed to 
paraquat. 

The data reported are compatible with the conclusion 
that quinolinate phosphoribosyl transferase is poisoned by 
paraquat. The decreased cell growth rates and pyridine 
nucleotide coenzymes in the presence of paraquat show the 
significance of inhibited quinolinate phosphoribosyl trans- 
ferase to E. coli. 

If quinolinate phosphoribosyl *ransferase in animals is 
also poisoned by paraquat, nia... could be used directly 
to maintain normal NAD concentrations. Although all the 
toxic effects of paraquat might not be expected to be 
alleviated by the presence of niacin, some benefits might 
accrue and result in increased survival and growth of para- 
quat-poisoned rats receiving niacin. Indeed, paraquat-poi- 
soned rats that received niacin showed a significant decrease 
(P < 0.05) in mortality. In the presence of niacin, the LT50 
value was approximately doubled (to 115 h) and the rats 
showed less respiratory distress (Fig. 4). Rats are known 
to share a common pathway of NAD biosynthesis with E. 
coli and man (Foster and Moat 1980). Since niacin can be 
used directly for the biosynthesis of NAD, the observed 
benefits of niacin to paraquat-poisoned rats is suggestive 
evidence for paraquat poisoning of quinolinate phosphori- 
bosyl transferase in mammalian systems. 
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